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 Fungi are emerging as significant pathogens of multiple taxa. In addition to the impact of 
Ophidiomyces ophiodiicola on snakes, Batrachochytrium dendrobatidis (chytrid) has been linked 
to massive declines in amphibian populations worldwide, and Pseudogymnoascus destructans 
(white nose syndrome) has been associated with significant declines in North American bat 
populations.  
 The fungal order Onygenales includes many pathogens of humans and animals, and 
recent studies have shown some onygenalean fungi to be significant emerging pathogens of 
reptiles, most notably Nannizziopsis, Paranannizziopsis, and Ophidiomyces. Infections by 
members of these genera have been previously reported in crocodilians, lizards, snakes, and 
tuataras with negative impacts on conservation efforts for some populations. Despite the well-
documented pathogenicity of these fungi in all other extant reptile lineages, infection has not yet 
been reported in aquatic turtles.  
 In 2011, however, a previously unreported presentation of shell disease was documented 
by pathologists at the University of Illinois Zoological Pathology Program (ZPP) from various 
aquatic turtles in managed care. Shell lesions were not histologically compatible with known 
causes of shell disease and had the unique and characteristic feature of keratinizing epithelial 
inclusion cysts within the dermis and shell bone. Additionally, fungi morphologically similar to 
other onygenalean reptile pathogens were noted at the leading edge of these lesions. Initial 
molecular testing detected fungal DNA that was similar to these known reptile pathogens, but 
sequence analysis could not identify the organism to the genus or species level.  
 The research contained within this dissertation was initiated in order to characterize this 
previously undescribed fungus, describe the shell lesions associated with infection and identify 
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any defining histologic features that would aid in diagnosis, and investigate changes in the shell 
microflora associated with infection that could provide insight into the pathogenesis of this 
newly recognized shell disease.  
 In Chapter 1, biology and pathology of the chelonian shell are reviewed in detail, as are 
known fungal diseases of the other extant reptilian taxa. Disease threats to chelonian 
conservation efforts are also discussed, with particular attention given to the Western pond turtle 
(Actinemys marmorata). This species is locally endangered in the state of Washington and has a 
high (up to 86%) prevalence of fungal shell disease in the few remaining wild populations, 
already with significant impacts on conservation and research efforts.  
 In Chapter 2, the fungus associated with these unique shell lesions is formally described. 
The first successful isolation is documented, and the fungus is characterized via standard 
mycological techniques as well as multilocus phylogenetic analysis. In culture, this fungus shares 
many features with reptile pathogens in the genera Nannizziopsis, Paranannizziopsis, and 
Ophidiomyces, though has distinctly larger and more variably sized conidia than these other 
species. Phylogenetically, all studied isolates (n = 21) of the chelonian fungus are grouped within 
a highly supported monophyletic clade that is related to, though distinct from, the other described 
genera of onygenalean reptile pathogens. Together, these findings warranted the designation of a 
novel species, Emydomyces testavorans (A.N. Mill. & D.B. Woodburn 2018), for these fungi 
associated with chelonian shell lesions.  
 Chapter 3 investigates the shell lesions associated with Emydomyces infection in 
freshwater aquatic turtles. Via retrospective histologic review of chelonian submissions (n = 48 
individuals) to the University of Illinois Zoological Pathology Program, lesions associated with 
Emydomyces infection are described, and specific lesional features are compared with those of 
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shell lesions due to other infectious and non-infectious causes. Histologically, Emydomyces-
associated shell lesions are characterized by ulceration and squamous metaplasia of the 
keratinized scute epidermis, necrosis and destruction of the underlying shell bone, and formation 
of epithelial inclusion cysts within the dermis and bone. These cysts are lined by keratinizing 
stratified squamous epithelium and are filled with abundant keratin debris and fragments of 
necrotic bone. Though often undetectable with routine histologic processing and staining, the use 
of a special stain (Grocott-Gomori’s Methenamine Silver [GMS]) to highlight fungi reveals 
numerous hyphae morphologically compatible with Emydomyces at the leading edges of these 
lesions, primarily associated with keratin debris and within the superficial layers of keratinizing 
cyst epithelium. To confirm infection and provide a rapid diagnostic tool for future cases, a 
specific quantitative real-time PCR assay was developed to detect minute quantities of 
Emydomyces DNA. Using this assay in combination with GMS staining, n = 27 cases of 
Emydomyces infection were confirmed, and lesional features were compared with n = 21 cases of 
shell lesions resulting from other etiologies. Multivariate logistic regression analysis using 
manual backward stepwise model selection demonstrated that inclusion cysts are highly 
associated with Emydomyces infection but not with other etiologies (p < 0.0001), and their 
presence in histologic section should warrant a thorough search for the fungus.  
 In Chapter 4, a metagenomic approach is utilized to evaluate the shell microflora of 
healthy and diseased turtles in order to identify common potential bacterial and fungal co-
pathogens that may be involved in the development or complicate treatment of shell disease. 
Standardized shell swab samples were collected from free-ranging WPT from two field sites in 
the state of Washington. Swabs from ten (n = 10) diseased turtles and ten (n = 10) healthy 
control turtles, as determined by CT scan and gross evaluation, were analyzed using targeted 
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next-generation sequencing for bacterial (16S) and fungal (ITS) organisms. Significant 
differences in bacterial diversity and differentially abundant taxa were detected between field 
sites and locations on the shell (i.e. carapace or plastron). Significant differences in fungal 
diversity and abundance were only detected between the two field sites. However, no significant 
differences in bacterial or fungal diversity or differential abundances of taxa were observed to 
explain the difference between healthy and diseased turtles. This suggests that like infections by 
related onygenalean fungi in other reptile species, bacterial or fungal co-pathogens may not be 
required for the development of Emydomyces-associated shell lesions.  
 Chapter 5 concludes this dissertation by summarizing findings of the previous chapters 
and speculating on potential future studies. This research represents the initial stages of 
investigation into a newly described fungal pathogen associated with shell disease in freshwater 
aquatic turtles. There is still much work to be done to more fully understand the pathogenesis of 
Emydomyces infection. It is the sincere hope of this author that the information presented herein 
will lay the groundwork for future investigations, with the ultimate goal of minimizing or even 
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CHAPTER 1: Literature Review 
 
The Chelonian Shell 
 A characteristic and defining feature of turtles is their shell. Although commonly thought 
of for its protective role, newer fossil data from the earliest identified stem turtle, Eunotosaurus 
africanus, has suggested it developed evolutionarily to support digging (Lyson et al., 2016). 
Eunotosaurus had broadened ribs which would not offer protection and had costs including 
decreased speed of locomotion due to shortened stride and decreased costal ventilation (Cartier, 
1987; Lyson et al., 2014). However, the broadened ribs did provide a stable base for forelimbs 
which improved digging and swimming in the aquatic environment (Lyson et al., 2016).    
 The turtle shell is composed of the ventral plastron and dorsal carapace connected 
laterally by a bony bridge (Boyer and Boyer, 2006). The shell surface is covered by multiple 
scutes which consist of a thick keratin layer. In hard-shelled turtles, the shell is covered by -
keratin whereas soft-shelled turtles have -keratin (Jacobson, 2007; Maderson, 1985). -keratin 
forms a harder, more rigid integument due to the ultrastructure of -pleated sheets rather than the 
helical fibrils of -keratin. The keratin layer may contain melanosomes and overlies 
pseudostratified epithelium. Subtending the epithelium is a thick dermal collagen layer and the 
dermal bone. The epidermis and overlying keratin invaginate into the dermal collagen at the 
seams between adjacent scutes. The scutes are arranged such that the scute margins do not 
overlap the margins of underlying bone. Dermal bone is composed of superficial and deep 
compact layers surrounding central trabecular bone and, in some cases, marrow (Suzuki, 1963). 
Dermal bone is subtended by connective tissue and the coelomic membrane. In contrast to 
lizards and snakes who shed their outer keratin layers during a period of ecdysis, shedding of the 
outer keratin layers of the shell in many species of turtles is continuous.  
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Diseases of the Chelonian Shell 
Shell disease is a common cause of morbidity and mortality in captive and free-ranging 
chelonians. Shell lesions may be classified according to pathogenesis: “inside-out” when lesions 
are a manifestation of systemic disease or “outside-in” when lesions develop following a primary 
shell insult or infection. Common documented causes of shell lesions include bacterial and 
fungal pathogens, traumatic injury, and metabolic/nutritional imbalances. Diagnosis and 
characterization of shell lesions is challenging. Sample acquisition typically requires a saw and 
general anesthesia for live chelonians. Microscopic evaluation of samples can only occur 
following decalcification and dekeratinization of histologic sections. These constraints have 
limited the number of pathologic studies of shell diseases (Jacobson, 2007).    
In aquatic turtles, one of the best described shell diseases is septicemic cutaneous 
ulcerative disease (SCUD) (Barten, 2006; Jacobson, 1981). In SCUD, bacterial dermatitis and 
osteomyelitis develop secondary to superficial trauma or poor water quality. Affected turtles 
have necrotizing cutaneous and shell ulcerations and can develop septicemic lesions within 
visceral organs. Citrobacter freundii is commonly isolated but research has also suggested that 
Serratia spp., which have proteolytic and lipolytic enzymes, contribute to pathogenesis by 
facilitating Citrobacter invasion (Jacobson and Fulton, 1970).   
A disfiguring shell lesion has been described in free-ranging river cooters (Pseudemys 
concinna) and yellow-bellied turtles (Trachemys scripta) from Georgia (Garner et al., 1997; 
Lovich et al., 1996). Early lesions included flaking of the scute keratin with subsequent 
ulceration and deep pitting leading to necrosis of the underlying bone and pseudocysts. 
Microscopically, lesions varied from thinned and fragmented keratin to areas with epidermal and 
dermal cortical bone necrosis. Granulocytic inflammation was present within the adjacent dermis 
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and marrow. In some areas, nodular regions in the dermal bone contained cysts lined by thick 
cornified epithelium with luminal keratin, necrotic bone and cellular debris. In some of these 
turtles, pleomorphic fungi as well as bacteria were noted within cysts and other chronic lesions. 
Fungal isolates included Penicillium spp., non-pathogenic Aspergillus spp., and other common 
environmental fungi. Organisms identified histologically and by culture were presumed 
secondary contaminants, and the exact cause was unspecified.   
In an Aldabra tortoise (Aldabrachelys gigantea) with necrotizing shell lesions and 
osteomyelitis, multiple bacteria and fungi were detected in association with lesions, including 
Klebsiella pneumonia, Staphylococcus aureus, Pseudomonas spp., Paecilomyces spp., and 
Candida tropicalis (Adkesson et al., 2007). Similarly, no clear primary etiology was identified in 
shell disease described in map turtles (Graptemys spp.; Hernandez-Divers et al., 2009). In these 
cases, a variety of aerobic bacteria, but no fungi, were cultured. Algae and diatoms were 
identified cytologically and histologically. Histologically, lesions included clefts and pitting 
lesions of the keratin, but inflammation, erosion, and ulceration were not noted.   
Shell lesions diagnosed as dyskeratosis have been described in free-ranging desert 
tortoises (Gopherus agassizii) (Homer, 1998). In these tortoises, gross lesions included flaking of 
the keratin with pitting along the carapace and plastron. Lesions were most common along the 
seams, and in the most severely affected areas, there was exposure of the underlying bone. 
Histologically, keratin was thinned with multiple crevices and clefts containing cellular debris.  
Remaining keratin was fibrillar and fragmented rather than compact. Inflammation varied from 
intracorneal heterophils to dermal lymphocytes, and in more severely affected tortoises, there 
was osteopenia, osteonecrosis, and remodeling of underlying dermal bone. Infectious agents 
identified included rare superficial cocci and fungal hyphae in one tortoise. The cause of this 
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lesion is uncertain but thought to be associated with a defect in keratinization. Repair occurred 
by infolding of the epithelium from the lesion margins with extrusion of the necrotic region, 
similar to that noted in aquatic turtles (see above, Garner et al., 1997).   
Reports of primary fungal causes for shell infections are uncommon and most are limited 
to single case reports. An Aldabra tortoise (Aldabrachelys gigantea) with deep flaking lesions 
and necrotic bone had keratin colonized by brown-pigmented fungi consistent with 
phaeohyphomycosis (Stringer, 2009). In this case, PCR and sequence of the fungal internal 
transcribed spacer (ITS) region was consistent with Exophiala oligosperma. Hyalohyphomycosis 
caused by Paecilomyces lilacinus was identified in shell and systemic lesions from Fly River 
turtles (Carettochelys insculpta; LaFortune et al., 2005). Fusarium semitectum was identified in 
scute lesions from Texas tortoises (Gopherus berlandi) with lesions similar to the dyskeratosis 
lesions of the desert tortoise (Rose et al., 2001). Finally, an onygenalean fungus, Aphanoascella 
galapagosensis, has been isolated from a Galapagos tortoise (Chelonoides nigra) with carapace 
keratitis (Sutton et al., 2013)  
Many of these previous descriptions of shell disease and lesions in chelonians lack a clear 
etiology. A variety of bacteria have been cultured, but fungal isolation has been less common, 
sometimes despite histologically evident hyphae. As many of these organisms have an 
environmental source and lesions may lack inflammation, it has been difficult to determine 
causality. With advances in diagnostics, in particular molecular techniques, and detailed 





Potentially Novel Fungal Shell Disease 
In 2011, shell disease was documented by pathologists at the University of Illinois 
Zoological Pathology Program (ZPP) from various aquatic turtles in managed care. In the initial 
cases, multifocal ulcerative lesions were present on the carapace and/or plastron and were 
radiographically apparent as lytic bone lesions within the shell. Histologic lesions consisted of 
ulcerative dermatitis, necrotizing osteomyelitis, and dermal cysts lined by keratinized stratified 
squamous epithelium and containing keratin debris and fragments of necrotic bone. Lesions were 
similar to chronic lesions previously described in aquatic turtles (Garner et al., 1997), although 
cyst formation was extensive, and fungi morphologically compatible with the Onygenales were 
consistently noted along the leading edge of lesions. DNA amplified and sequenced from a 
subset of cases was consistent with various species within the Onygenaceae and 
Nannizziopsiaceae families, though similarity to published sequences was too low for precise 
identification. Retrospective evaluation of cases with shell lesions from the ZPP archives 
identified potential cases as early as 2000 and affecting at least 12 species of captive and free-
ranging chelonians. To date, all but one confirmed cases of this onygenalean fungal infection 
have resulted in death or have been the cause for euthanasia. The true prevalence of this fungal 
shell disease is likely underestimated considering shell lesions are often not investigated 
histologically or may be misattributed to SCUD. Given that fungi in the more recent turtles were 
only identified/characterized via PCR and culture was unsuccessful, it is possible that many of 
the current and previously described cases represent the same infection and disease processes.   
In addition to cases from zoological institutions, similar fungi and lesions have been 
identified in free-ranging Western pond turtles (Actinemys marmorata, WPT), a medium-sized 
semi-aquatic turtle endemic to the North American West Coast (Hallock et al., 2017). WPT are 
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listed as vulnerable by the IUCN, locally endangered in the state of Washington, and are under 
review for federal listing under the Endangered Species Act. They are also one of the first ten 
priority species designated by the Association of Zoos and Aquariums Saving Animals From 
Extinction (AZA SAFE
®
) program. As a result of these distinctions, numerous efforts are 
currently underway to improve species recovery of WPT. Recovery programs have largely been 
successful, with the population in the state of Washington growing from an estimated 156 turtles 
at two sites in 1994 to an estimated 1000 turtles at six sites in 2015 (Hallock et al., 2017).  
However, shell disease associated with onygenalean fungal infection has emerged as a 
significant threat to WPT survival. Initial published prevalence of this shell disease was 49% 
(Hallock et al., 2017), but recent estimates indicate that prevalence varies between geographic 
sites (29 - 86%), and all six population sites in Washington are currently affected (K. Haman, 
personal communication). Though the full impact of this disease on WPT at the population level 
is uncertain, lesions are often most severe in mature individuals that were reared as hatchlings in 
captivity through a “head start” program. Lesions are also severe in females of reproductive age 
raising concern for long-term population impacts (K. Haman, personal communication). A more 
thorough understanding of this emerging disease and the identification of factors that contribute 
to the development of shell lesions will be critical to the success of current and future 
conservation efforts for WPT in Washington.    
 
Onygenalean Infections of Reptiles 
Fungi within the order Onygenales, including the Chrysosporium anamorph of 
Nannizziopsis vriesii (CANV) affecting lizards and Ophidiomyces ophiodiicola affecting snakes, 
have been identified as primary reptile pathogens that have significantly impacted in situ 
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conservation efforts for some species (Allender et al., 2011; Barten, 2006; Lorch et al., 2016; 
Paré and Sigler, 2006). These keratophilic fungi are suspected to exist as environmental 
saprophytes (Allender et al., 2015). Recent phylogenetic studies have proposed placing them 
within the new family Nannizziopsiaceae, although there is disagreement as to the phylogeny of 
this order (Sigler et al., 2013; Stchigel et al., 2013). Several species of Nannizziopsiaceae and 
related fungi have been reported to cause disease in a variety of captive and free-ranging reptile 
species, including lizards, tuataras, snakes, and crocodilians (Allender et al., 2011; Bowman et 
al., 2007; Thomas et al., 2002). Infections can also occur in humans, primarily in individuals 
with compromised immune systems, where they cause localized cutaneous and disseminated 
infections. Thus, Nannizziopsiaceae spp. are potential zoonotic pathogens (Anstead et al., 2012).   
Infection has been reported in a variety of lizards including bearded dragons, veiled 
chameleons, green iguanas and leopard geckos (Bowman et al., 2007; Johnson et al., 2011; Paré 
et al., 2006; Sigler et al., 2013; Toplon et al., 2013). Often called “yellow fungus disease”, 
infection results in an ulcerative dermatitis that progresses to localized granulomatous cellulitis 
and osteomyelitis (Paré and Sigler, 2006). In some cases, these infections are of such severity 
that the animal is euthanized or dies due to complications. In leopard geckos, epidermal 
hyperplasia and hyperkeratosis have also been described (Toplon et al., 2013). Fungi can also 
spread systemically. Current understanding of the epidemiology and pathogenesis of 
Nannizziopsiaceae spp. in lizards is limited, though one study has suggested that cutaneous 
damage enhances, but is not required for disease transmission (Paré et al., 2006). 
Ophidiomyces ophiodiicola, the etiologic agent of “snake fungal disease”, has been 
reported in a variety of snake species and is thought to contribute to population declines in the 
timber rattlesnake (Crotalus horridus) and eastern Massasauga rattlesnake (Sistrurus catenatus) 
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(Allender et al., 2011; Clark et al., 2011; Lorch et al., 2016; Sigler et al., 2013). Lesions vary in 
severity from slight protrusion of scales over affected areas to extensive ulceration with deep 
dermatitis, myositis and osteomyelitis. Where it affects the head, infection commonly causes 
severe facial deformities that significantly impair feeding (Allender et al., 2011). Heterophilic 
inflammation with intralesional hyphae is characteristic histologically. Rare cases result in 
systemic mycotic infections (Robertson et al., 2016). In addition to numerous descriptions of 
natural disease, experimental infection studies have also been completed with O. ophiodiicola, 
fulfilling Koch’s postulates. While disease outcomes vary among individuals, no co-factors or 
previous trauma are needed to cause infection (Allender et al., 2015; Lorch et al., 2015).   
Prevalence of O. ophiodiicola infection varies but has been reported as high as 48% in 
wild populations of snakes in Connecticut (Licitra et al., 2019). Vertical transmission has been 
described in one study (Stengle et al., 2019). The pathogenesis is incompletely understood but 
seasonal variations in infection and severity of signs have been noted. In pygmy rattlesnakes 
(Sistrurus miliarius), the severity of O. ophiodiicola infection fluctuated over a two year period, 
and clinical disease in some individuals resolved (Lind et al., 2018a). Poor condition and 
elevated corticosteroids going into winter months may predispose to more severe disease 
(McCoy et al., 2017; Lind et al., 2018b). The local skin microbiome may also play a role in the 
pathogenesis. It has been noted that alpha diversity of fungi is reduced in infections, while there 
were alterations in bacterial flora between naturally infected and uninfected snakes (Allender et 
al., 2018). Interestingly, some bacteria have been noted to inhibit O. ophiodiicola growth in vitro 
(Hill et al., 2018).   
Nannizziopsiaceae spp. have been isolated from the cloaca and eggs of healthy sea turtles 
(Guclu et al., 2010; Phillot et al., 2002). With the exception of a single report of Aphanoascella 
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galapagosensis in a Galapagos tortoise (Sutton et al., 2013), there have been no reports of 
Nannizziopsiaceae spp. or other onygenalean fungi causing disease in chelonians.   
 
Fungal Diseases and Conservation 
 Fungi are emerging as significant pathogens of multiple taxa. In addition to the impact of 
Ophidiomyces on snakes, Batrachochytrium dendrobatidis (chytrid) has been linked to declines 
in amphibian populations worldwide (Collins et al., 2010; Eskew et al., 2013) and 
Pseudogymnoascus destructans has been associated with “white-nose syndrome” and recent 
significant declines in North American bat populations (Eskew et al., 2013). Notably, all of the 
above-mentioned fungal pathogens are causes of primary cutaneous infections affecting keratin 
layers of the skin. 
One hundred four species of aquatic and semi-aquatic chelonians are currently classified 
as vulnerable or endangered by the International Union for Conservation of Nature (IUCN) Red 
List (www.iucnredlist.org). Major threats to turtle populations are largely the result of human 
activity and include harvesting for the pet and food trade, habit loss and destruction, and changes 
in ecosystem biodiversity through the introduction of invasive plant and animal species 
(Buhlmann et al., 2002). Increased transport of chelonian species, particularly through 
clandestine methods resulting in substandard husbandry conditions, has been shown to result in 
increased morbidity and mortality due to infectious disease (Ashley et al., 2014).
  
High 
prevalence of fungal shell disease (up to 86%) in some free-ranging populations of the western 
pond turtle (Actinemys marmorata, WPT) (K. Haman, personal communication), highlights the 
potential for fungal pathogens to be important factors in the conservation of chelonians. Other at-
risk species affected by fungal shell disease include the spotted turtle (Clemmys guttata) and 
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spiny turtle (Heosemys spinosa) both listed as endangered, and the yellow-spotted river turtle 
(Podocnemis unifilis) listed as vulnerable (see Chapter 3).  
While species conservation programs are concerned about the potential impact of viruses, 
bacteria, and anthropogenic factors, these recent outbreaks have emphasized the continued 
significance of fungal pathogens. With modern global travel and commerce, emerging fungal 
pathogens may have the ability to rapidly expand geographic ranges. Understanding the 
pathogenesis of these infections will be critical to mitigating their impact on species and 
















CHAPTER 2: Emydomyces testavorans, a New Genus and Species of Onygenalean Fungus 
Isolated from Shell Lesions of Freshwater Aquatic Turtles    
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 The fungal order Onygenales includes many pathogens of humans and animals, and 
recent studies have shown some onygenalean fungi to be significant emerging pathogens of 
reptiles. Although many of these fungi have similar morphological features in histologic tissue 
sections, recent molecular analyses have revealed a genetically complex and diverse group of 
reptile pathogens comprising several genera, most notably Nannizziopsis, Paranannizziopsis, and 
Ophidiomyces. Infections by members of these genera have been previously reported in a variety 
of reptile species, including crocodilians, lizards, snakes, and tuataras with negative impacts on 
conservation efforts for some reptiles. Despite the well-documented pathogenicity of these fungi 
in all other extant reptile lineages, infection has not yet been reported in aquatic turtles. In this 
study we report the isolation of an onygenalean fungus associated with shell lesions in freshwater 
aquatic turtles. The morphologic and genetic characteristics of multiple isolates (n=21) are 
described and illustrated. Based on these features and results of a multi-gene phylogenetic 
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analysis, a new genus and species, Emydomyces testavorans, is proposed for these fungi isolated 
from turtle shell lesions. 
 
Introduction 
 Onygenalean fungi, including members of the genera Nannizziopsis, Paranannizziopsis, 
and Ophidiomyces, have been identified in recent years as primary reptile pathogens that have 
significantly impacted in situ conservation efforts (Allender et al., 2011; Allender et al., 2015; 
Barten, 2006; Paré and Sigler, 2006; Sigler et al., 2013; Stchigel et al., 2013). Many of these 
fungal infections in reptiles had been previously reported as the Chrysosporium anamorph of 
Nannizziopsis vriesii (CANV), but recent studies have shown this group of fungi to be 
genetically and morphologically diverse (Abarca et al., 2010; Sigler et al., 2013; Stchigel et al., 
2013). These keratinophilic fungi of the order Onygenales are known to exist as environmental 
saprophytes (Allender et al., 2015). Infection in many reptile species typically results in 
ulcerative dermatitis that progresses to localized cellulitis and osteomyelitis, and in some cases 
disseminated mycotic infection (Paré and Sigler, 2006; Robertson et al., 2016). Disease has been 
reported in a variety of captive and free-ranging reptile species, including crocodilians (order 
Crocodilia), tuataras (order Rhynchocephalia), and lizards and snakes (order Squamata) 
(Allender et al., 2011; Bowman et al., 2007; Humphrey et al., 2016; Thomas et al., 2002).
 
Additionally, another onygenalean fungus, Aphanoascella galapagosensis, has been isolated 
from a subspecies of Galapagos tortoise with carapace keratitis (Sutton et al., 2013). 
 To date there have been no published reports of these or other onygenalean fungi causing 
disease in aquatic turtles (order Testudines). However, in recent years an unusual pattern of 
ulcerative shell disease associated with fungal infection has been observed by a variety of 
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zoological institutions housing aquatic turtle species as well as in free-ranging populations of 
western pond turtles (Actinemys marmorata) in the state of Washington. Initial routine diagnostic 
testing identified fungi morphologically comparable to previously described onygenalean fungal 
pathogens at the leading edge of shell lesions (Figure 2.1). Molecular testing performed on a 
subset of these cases detected fungal DNA that was most similar to previously published 
sequences of various members of Onygenaceae, however sequence homology was too low (< 
92%) for precise identification. Previous attempts at isolation of these fungi were unsuccessful, 
and failure of isolation was frequently attributed to rapid overgrowth of bacteria or other fungi 
interpreted as environmental contaminants or non-pathogenic components of the shell 
microflora.    
 In the present study, the isolation of a novel onygenalean fungus from turtle shell lesions 
is described, as are the morphological and genetic characteristics of the fungal isolates. Based on 
morphological features of isolates and multi-locus phylogenetic analyses, a novel genus and 
species is proposed for this fungus.  
 
Materials and Methods 
Clinical Specimens 
 All turtle tissues used for this study were clinical samples submitted to the University of 
Illinois Zoological Pathology Program for diagnostic purposes. Samples from 70 individual 
turtles were examined in total, consisting of refrigerated (4C) shell tissue (n=59), archival 
frozen (-80C) shell tissue (n=10), and a refrigerated (4C) cutaneous swab (AST-RC34RV5B). 
Samples were collected from taxonomically diverse turtle species, including Actinemys 
marmorata (n=62), Apalone spinifera (n=2), Chelus fimbriatus (n=1), Emydura subglobosa 
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(n=1), Graptemys oculifera (n=1), Hydromedusa tectifera (n=1), Macrochelus temminckii (n=1), 
Trachemys scripta elegans (n=1), and Podocnemis unifilis (n=1), and Podocnemis vogli (n=2). 
 
Fungal Isolation 
 As previous culture attempts from clinical specimens had been unsuccessful, a modified 
isolation medium was developed based on adaptation of Sabouraud Dextrose Agar, Emmons 
modification (SDA). Basal SDA media consisted of 2% dextrose (Oxoid
TM
), 1% peptone 
(Bacto
TM
), and 2% agar (Acros Organics). To encourage the growth of keratinophilic fungi, 
keratin scutes were collected from archived frozen normal shells of red-eared sliders (Trachemys 
scripta elegans) and incorporated into the media. Scutes were autoclaved at 121C for 20 min, 
dried at ambient temperature and humidity, and finely ground with an electric blade mill grinder. 
The powered shell keratin was added to the SDA media, and the mixture was autoclaved at 
121C for 20 min. After autoclaving, chloramphenicol (50 mg/L, Fisher Scientific™), 
gentamicin sulfate (2.9 mg/L, Sigma-Aldrich), and cycloheximide (400 mg/L, Acros Organics) 
were added to inhibit growth of bacteria and saprophytic fungi. Approximately 25 mL of media 
was poured into sterile 100 x 15 mm plastic Petri plates (Fisherbrand
®
) and allowed to gel at 
ambient temperature prior to inoculation.   
 For tissue, approximately 25 mg was transferred to a sterile 1.5 mL microcentrifuge tube, 
macerated, and suspended in 0.2 mL sterile dH2O. Resulting fluid was adsorbed onto a sterile 
cotton-tipped swab and streaked on to culture plates for isolation. The single swab specimen 
(AST-RC34RV5B) was directly plated for isolation in the same fashion. Culture plates were 
incubated at 30C and monitored daily for colony growth. Individual fungal colonies were sub-
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cultured as they appeared and maintained as slant cultures on SDA at ambient temperature and 
lighting in Rubbermaid
®
 plastic storage containers. 
 
Culture morphology 
Culture studies were conducted with isolates on three types of media: water agar (WA, 
Difco™ Bacto), cornmeal agar (CMA, Difco™), and potato dextrose agar (PDA, Difco™).  To 
standardize growth rates, isolates were initially transferred to PDA in 60 mm diameter plastic 
Petri plates (Fisherbrand
®
). After 3–4 weeks, 5 mm diameter plugs were removed from the 
margin of each isolate and placed inverted in the center of 60 mm diameter plastic Petri plates 
containing WA, CMA or PDA. Plates were incubated at room temperature (21-25C) under 
ambient light in Rubbermaid
®
 plastic storage containers. Growth rates and colony characteristics 
were recorded every 7 days for 28 days. Asexual microscopic features were observed in water 
mounts after 28 days and under slide culture mounts grown on peptone yeast extract agar (PYE, 
Fisherbrand
®
) according to the techniques of Riddell 1950 (Riddell, 1950). Color terms are taken 
from Kornerup & Wanscher 1978 (Kornerup and Wanscher, 1967).
 
Mycelia were squash-mounted in water or observed under slide cultures and images of 
micromorphological structures were captured with a QImaging QColor 3 digital camera mounted 
on an Olympus BX51 compound microscope using differential interference microscopy. Images 
were processed using Adobe Photoshop 7.0 (Adobe Systems Inc., Mountain View, California). A 
minimum of 30 measurements were taken for all morphological structures using NIH Image 1.63 
(National Institute of Health, Bethesda, Maryland). Mean and standard deviation (shown in 
brackets) were calculated for conidia. 
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Genetic sequencing  
 For each isolate, total genomic DNA was extracted from approximately 25 mg of 
mycelium using the DNeasy Blood and Tissue Kit (QIAGEN) per manufacturer’s instructions. 
To enhance recovery of fungal DNA, an additional step was performed in which 12 L of Yeast 
Lytic Enzyme (25 units/mL, MP Biomedicals) was added and samples incubated at 37C for 60 
minutes prior to Proteinase K digestion. DNA extract quality was verified using a NanoDrop
TM
 
2000 spectrophotometer (Thermo Scientific
TM
). For archival turtle specimens from which fungal 
isolates could not be obtained, total genomic DNA was similarly extracted from approximately 
25 mg of frozen (-80C) lesional tissue.  
 DNA fragments of the internal transcribed spacer (ITS) region, 18S small subunit rRNA 
(SSU), D1-D2 domain of the 28S large subunit rRNA (LSU), and -actin (ACT) genes were 
PCR amplified using previously published generic fungal primer sets (Kwiatokowski et al., 
2012; Voigt and Wöstemeyer, 2000; White et al., 1990). All PCR reactions were performed in 
0.2 mL thin-walled PCR tubes (Fisherbrand
®
) with a 25 L reaction mixture consisting of 2.5 L 
GeneAmp
TM
 10X PCR Buffer with 15 mM MgCl2 (Applied Biosystems
TM
), 0.5 L of 10 mM 
dNTP mix (Thermo Scientific
TM
), 0.25 L AmpliTaq
®
 Gold polymerase (Applied 
Biosystems
TM
), 0.25 L each of 25 M forward and reverse primers, 18.75 L DEPC-treated 
water (Ambion
TM
), and 2.5 L DNA extract as template. PCR amplification was performed on a 
GeneAmp
TM
 PCR System 9700 thermal cycler (Applied Biosystems
TM
) with a 10 minute 95C 
activation step followed by 35 cycles of 94C denaturation for 1 minute, 55C (ITS, SSU, ACT) 
or 50C (LSU) annealing for 1 minute, and 72C extension for 1 minute, with a final 72C 
extension for 5 min. Target amplification was confirmed via 1.5% agarose gel electrophoresis.  




) per manufacturer’s 
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instructions and submitted to a commercial laboratory for Sanger sequencing (ABI 3730, 
University of Chicago Cancer Sequencing Facility). Resulting forward and reverse sequencing 
reads were pairwise aligned, manually edited if necessary, and consensus sequences generated 
using Geneious v10.2.3 software (Kearse et al., 2012). 
 
Phylogenetic Analyses 
 Sequences obtained from turtle clinical tissues and fungal isolates, as well as sequences 
publicly available in the National Center for Biotechnology Information (NCBI) GenBank 
database (www.ncbi.nlm.nih.gov/genbank) were analyzed to examine relationships between 
these fungi associated with turtle shell lesions and with other fungi in the Onygenales (NCBI, 
2017). 
 Multiple sequence alignments were created for each gene individually with MAFFT 
v7.310 using the L-INS-i strategy (Katoh et al., 2002). Alignments were visualized and manually 
trimmed using AliView v1.18 so that final alignments included only the target regions amplified 
by primer sets as previously described (Larsson, 2014). These trimmed MAFFT alignments of 
the SSU, LSU, and ACT genes were used for further analyses. For the ITS MAFFT alignment, 
ambiguous regions were removed using Gblocks v0.91b under the following parameters: 
minimum number of sequences for a conserved position = 56, minimum number of sequences 
for a flanking position = 94, maximum number of contiguous nonconserved positions = 8, 
minimum length of a block = 10, and gap positions allowed in resulting blocks for any number 
of taxa (Castresana, 2000). Each individual gene alignment was analyzed with jModelTest 
v2.1.10 and in all cases the general time-reversible (GTR) model of nucleotide substitution with 
a GAMMA model of rate heterogeneity and a proportion of invariable sites (GTRGAMMAI 
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approximation) was selected as the most appropriate model for phylogenetic analyses (Darriba et 
al., 2012). Individual sequence alignments were concatenated in the order SSU-ITS-LSU-ACT to 
produce a final alignment for phylogenetic estimation.   
 Maximum likelihood (ML) analysis was performed on the concatenated sequence 
alignment using RAxML v8.2.11 with the GTRGAMMAI approximation model. Nodal support 
was determined by rapid bootstrapping with 1000 replicates (Stamatakis, 2014). Bayesian 
inference (BI) was performed with MrBayes v3.2.6 as a supplement to ML to determine 
posterior probability support for clades generated in the ML analysis (Huelsenbeck and 
Ronquist, 2001). BI was executed with GTRGAMMAI approximation, and the Markov-chain 
Monte Carlo (MCMC) algorithm was run until the average standard deviation of split 
frequencies fell below 0.01 (4,000,000 generations). Representative members of the Eurotiales 
(Aspergillus fumigatus and Penicillium chrysogenum) were designated as outgroup taxa to root 
the resulting tree. Clades with ML bootstrap support values ≥ 70% and BI posterior probability 
values ≥ 0.95 were considered significant. Trees were visualized and formatted using 
Dendroscope v3.5.7 (Huson and Scornavacca, 2012) and Adobe Acrobat Pro DC (Adobe 
Systems Inc., Mountain View, California). 
 
Antifungal Susceptibility Testing  
 Three fungal isolates (16-2883, 13-1796, and AST-RC34RV5B) were submitted to a 
reference laboratory (UT Health San Antonio Fungus Testing Laboratory) for antifungal 
susceptibility testing. Broth dilution antifungal susceptibility testing was performed on each 
isolate for fluconazole, itraconazole, posaconazole, voriconazole, and terbinafine in accordance 




 Twenty-one distinct fungal isolates were recovered from examined shells using the 
isolation methods described, with each tissue specimen originating from a unique individual 
turtle. Of these, the vast majority (n = 18/21) were recovered from shell tissue of western pond 
turtles (Actinemys marmorata). Additional isolates were recovered from lesional shell tissue of a 
spiny softshell turtle (n=1, Apalone spinifera, 13-1796) and a red-eared slider (n=1, Trachemys 
scripta elegans, ST-T1), and one cutaneous swab of an alligator snapping turtle (n=1, 
Macrochelys temminckii, AST-RC34RV5B, collected under Illinois Department of Natural 
Resources permit 14-046). All isolates recovered from turtles were morphologically similar (see 
Culture Morphology) and based on multi-locus sequence analyses (see Phylogenetic Analyses) 
were more closely related to each other than to other members of Onygenales with publicly 
available sequence data.   
 Growth characteristics and morphologic measurements of fungal isolates recovered from 
turtles are presented in Table 2.1, and representative images of colony morphology and 
microscopic features are presented in Figure 2.2. Isolates were slow-growing on all media at 
ambient temperature (21 - 25°C).  All isolates exhibited only the asexual (anamorphic) state with 
no sexual (teleomorphic) state observed during the course of the study.   
 
Genetic Sequencing 
 DNA sequences were obtained from a total of 21 fungal isolates and 7 turtle shells.  
Sequences were genetically more similar to each other than to other publicly available 
sequences, however there was significant genetic diversity between isolates at all loci. Sequence 
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homology ranged from 98.8-100% for SSU, 80-100% for ITS, 92.1-100% for OSU, and 94.6-
100% for ACT genes.   
 
Phylogenetic Analyses 
 Sequences obtained from fungal isolates and lesional tissue were deposited in the 
GenBank database and are listed with accession numbers in Table 2.2 (NCBI, 2017). In some 
cases where fungal isolates were not obtained, direct gene amplification from lesional tissue was 
not successful for all genes. Accession numbers for sequences of other fungi within Onygenales 
that were used in these analyses are listed in Table 2.3. 
The concatenated sequence alignment comprised 106 taxa and 2580 characters. The 
most-likely tree resulting from the RAxML analysis is presented in Figure 2.3. All sequences 
obtained from turtle lesional tissues or fungal isolates from affected turtles occurred in a well-
supported (ML bootstrap = 100, BI posterior probability = 1.00) monophyletic clade distinct 
from representative taxa within the order Onygenales. Other genera within the Onygenales, 
including Auxarthron, Spiromastigoides, Nannizziopsis, Paranannizziopsis, and Ophidiomyces, 
also occurred in well-supported monophyletic clades, in accordance with previous reports. 
Higher order relationships between these genera and fungi recovered from turtles were not well-
supported, and thus family-level taxonomy remains uncertain in the present analysis. Based on 
this phylogeny in combination with morphological features, a novel genus and species are 






 Emydomyces A.N. Mill. & D.B. Woodburn gen. nov. (McNeill et al., 2012). MycoBank 
accession no. MB827506. Etymology: Emydo refers to a freshwater tortoise and myces for 
fungus. Colonies slow-growing, silky to wooly, translucent to white (1A1); margin even, 
appressed and translucent; reverse same as the mat. Hyphae largely undifferentiated, 
occasionally branched, regularly septate, thin-walled, hyaline. Aleurioconidia produced 
holoblastically, apically, laterally or intercalary, clavate to pyriform, widely variable in shape, 
thin-walled, one-celled, occasionally two-celled with septa near base, occasionally stalked. 
Arthroconidia produced via fission or intercalary, barrel-shaped to cylindrical, thin-walled, 
usually one-celled, occasionally two-celled with median septa. No sexual morph observed. 
Type species: Emydomyces testavorans A.N. Mill. & D.B. Woodburn 
 
 Emydomyces testavorans A.N. Mill. & D.B. Woodburn sp. nov. (McNeill et al., 2012). 
MycoBank accession no. MB827507. Etymology: testa for shell and vorans for devouring.  
Colonies on WA slow-growing, 23–30 mm diameter in 28 days, slow-growing on CMA and 
PDA, 25–37 mm diameter in 28 days, silky on WA, wooly on CMA and PDA, mat appressed on 
WA, aerial on CMA and PDA, translucent on WA, white (1A1) on CMA and PDA; margin even, 
appressed and translucent in all media; reverse same as the mat in all media; asexual state not 
observed before 28 days. Hyphae largely undifferentiated, occasionally branched, regularly 
septate, 1–4 µm wide, thin-walled, hyaline, rarely becoming severely undulated with age on 
CMA and PDA. Aleurioconidia and arthroconidia produced on all media. Aleurioconidia 
produced holoblastically, apically, occasionally laterally directly from hyphae, or rarely 
intercalary, clavate to pyriform, widely variable in shape, thin-walled, one-celled, occasionally 
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two-celled with septa near base, occasionally stalked, with one to several oil droplets, if more 
than one oil droplet then decreasing in size, 5.5–27.2 X 3.5–11.2 [13.5 ± 3.5 X 7.0 ± 1.2] µm. 
Arthroconidia produced via fission or intercalary, barrel-shaped to cylindrical, thin-walled, 
usually one-celled, occasionally two-celled with median septa, with one to several equally-sized 
oil droplets, 5.4–52.9 X 1.4–4.2 [16.4 ± 8.7 X 3.0 ± 0.6] µm. No sexual morph observed.  
Holotype: 16-2883, isolated from shell tissue of Actinemys marmorata, 20 May 2016, 
Washington, USA, preserved as a dried culture (ILLS 81479), ex-type culture (ATCC TSD-145).  
Other material examined: 13-1796, isolated from shell tissue of Apalone spinifera, 20 March 
2017, Illinois, USA, preserved as a dried culture (ILLS 81480); AST-RC34RV5B, isolated from 
cutaneous swab of Macrochelys temminckii, 13 December 2016, Illinois, USA, preserved as a 
dried culture (ILLS 81481); Notes: Morphologically similar hyphae were observed histologically 
at the leading edges of ulcerative shell and cutaneous lesions of host turtles for isolates 16-2883, 
16-2886, 16-2887, 16-2888, 16-2895, 16-2897, 16-2899, 16-2901, 16-2916, 16-2921, 16-2923, 
16-2924, 16-2925, 16-2927, AST-RC34RV5B, and 13-1796. All living isolates are deposited at 
ILLS in long-term storage. 
 
Antifungal Susceptibility Testing  
 Minimum inhibitory concentration (MIC) values as determined by broth dilution 
antifungal susceptibility testing are presented in Table 2.4. Isolates 16-2883, 13-1796, and AST-
RC34RV5B were selected for testing based on phylogenetic analyses (Figure 2.3). MIC values 
for all antifungals tested were determined for isolate 16-2883. The MIC value of fluconazole for 
isolate AST-RC34RV5B, as well as MIC values of itraconazole and voriconazole for isolate 13-
1796 could not be determined due to failure of the isolates to grow in those assays.  
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Discussion 
 The morphological and genetic features of fungal isolates examined in this study support 
the designation of a novel genus and species, Emydomyces testavorans, for these fungi isolated 
from turtle shell lesions. Recent studies utilizing genetic sequencing and phylogenetic analyses 
have identified multiple genera of fungal reptile pathogens within the group formerly designated 
as the Chrysosporium anamorph of Nannizziopsis vriesii, including Nannizziopsis, 
Paranannizziopsis and Ophidiomyces, though all are morphologically similar in histologic 
section and produce aleurioconidia and fission arthroconidia (Figure 2.2) (Rajeev et al., 2009; 
Sigler et al., 2013; Stchigel et al., 2013). Emydomyces testavorans demonstrates morphological 
and genetic features different from these other members of the Onygenales. In histologic section, 
members of Nannizziopsis, Paranannizziopsis, and Ophidiomyces produce narrow, septate 
hyphae, often accompanied by fission arthroconidia. While the hyphae of Emydomyces in shell 
lesions or tissue are septate and narrow (Figure 2.2), arthroconidia have not been observed. 
Similarly in culture, conidia of Nannizziopsis, Paranannizziopsis, and Ophidiomyces are smaller 
than those of the conidia of Emydomyces which are larger and more variably shaped (Table 2.1). 
In the present study, no chlamydospores or sexual structures were observed in Emydomyces 
isolates, as have been reported in N. chlamydospora and N. vriesii, respectively (Sigler et al., 
2013; Stchigel et al., 2013).  
The monophyly of Emydomyces isolates described in the present study is well-supported 
by multi-locus phylogenetic analyses. Other recent studies investigating the phylogenetic 
relationships of reptilian fungal pathogens have also identified monophyletic clades 
corresponding to the genera Nannizziopsis, Paranannizziopsis and Ophidiomyces (Sigler et al., 
2013; Stchigel et al., 2013). Higher order phylogenetic relationships are beyond the scope of the 
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present study, although the discovery of Emydomyces as a genus adds to the increasingly 
recognized diversity of onygenalean reptile pathogens. Additional phylogenetic analyses 
including more genes or even whole genome sequences are warranted to better understand 
taxonomic relationships among genera and families within the Onygenales. 
Reported MIC values suggest that Emydomyces is susceptible to antifungal drugs 
commonly used in the treatment of reptilian fungal infections such as itraconazole, voriconazole 
and terbinafine (Lindemann et al., 2017; Paré and Sigler, 2006).
 
However, only a few studies 
evaluating the safety, efficacy, and pharmacokinetics of these antifungal drugs have been 
performed in a limited selection of reptile species (Kane et al., 2017; Lindemann et al., 2017; van 
Waeyenberghe et al., 2010). Toxicity associated with voriconazole administration has been 
reported in at least one species of snake with clinically relevant dosages (Lindemann et al., 
2017). Despite anecdotal evidence supporting the use of these drugs in reptilian fungal 
infections, little is known regarding their safety and efficacy in aquatic turtles. While the more 
lipophilic compounds have been shown in other species to accumulate above plasma 
concentrations in bone and keratinaceous tissues, similar studies have not been conducted in 
turtles (Felton et al., 2014). Therefore, interpretation of the significance of these antifungal 
susceptibility results is limited until such pharmacokinetic studies are performed.   
 Although a causative relationship has yet to be confirmed, ulcerative shell disease has 
been histologically associated with the fungus described in this report.  Identification and 
characterization of this fungus is a crucial first step to better understanding this potential 




Tables and Figures 
 
Table 2.1 Microscopic characteristics of Emydomyces testavorans compared with those 
previously reported for selected reptile pathogens on PDA media. NR = not reported in original 














Emydomyces testavorans 1-4 5.5-27 x 3.5-11.2 5.4-52.9 x 1.4-4.2 Absent 
Nannizziopsis arthrosporioides 1-4 2.5-7 x 1.5-3 5-15 x 1.4 - 4 Absent 
Nannizziopsis chlamydospora 1-3 3-9 x 1.5-2 4-10 x 2-4 Present 
Nannizziopsis draconi 1-3 4-7 x 1.5-2 5-9 x 1.5-2.5 Absent 
Nannizziopsis guarroi NR 3.2-6.5 x 1.5-2.5 2.8-7 x 2-3.7 Absent 
Nannizziopsis vriesii NR 2.5-6 x 1.5-2.7 2.7-7.3 x 1.7-2.7 Absent 
Paranannizziopsis australiensis NR 3.5-8 x 1.5-2.7 NR Absent 
Paranannizziopsis californiensis NR 4-8.5 x 1.8-2.6 NR Absent 
Ophidiomyces ophiodiicola 1.5-2.5 2.5-7.5 x 1.5-2.5 3-12.5 x 1.5-3.5 Absent 
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Table 2.2 Accession numbers for fungal genetic sequences deposited in GenBank. Each isolate ID corresponds to sequences of 
fungi isolated from lesional tissues of individual turtles, or if followed by (tis.), sequences obtained directly from tissues with no 
isolate available. (T) denotes the type strain for Emydomyces testavorans. Genes for which sequence was not obtained or available are 
indicated with a hyphen(-). SSU = 18S small subunit rRNA gene; ITS = internal transcribed spacer region; LSU = 28S large subunit 
rRNA gene; D1-D2 domain; ACT = -actin; ATCC = American Type Culture Collection; ILLS = Illinois Natural History Survey 
Fungarium. 
    
Genetic Locus 




Actinemys marmorata 20 May 2016 Washington, USA MG780542 MG780489 MG780517 MG815660 
13-1796 
ILLS 81480 
Apalone spinifera 20 March 2017 Illinois, USA MG780559 MG780506 MG780534 MG815676 
AST-RC34RV5B 
ILLS 81481 
Macrochelys temminckii 13 December 2016 Illinois, USA MG780558 MG780505 MG780533 - 
16-2881 Actinemys marmorata 26 May 2016  Washington, USA MG780541 MG780488 MG780516 MG815659 
16-2886 Actinemys marmorata 26 May 2016 Washington, USA MG780543 MG780490 MG780518 MG815661 
16-2887 Actinemys marmorata 23 May 2016 Washington, USA MG780544 MG780491 MG780519 MG815662 
16-2888 Actinemys marmorata 02 June 2016 Washington, USA MG780545 MG780492 MG780520 MG815663 
16-2895 Actinemys marmorata 01 June 2016 Washington, USA MG780546 MG780493 MG780521 MG815664 
16-2897 Actinemys marmorata 06 June 2016 Washington, USA MG780547 MG780494 MG780522 MG815665 
16-2899 Actinemys marmorata 08 June 2016 Washington, USA MG780548 MG780495 MG780523 MG815666 
16-2901 Actinemys marmorata 07 June 2016 Washington, USA MG780549 MG780496 MG780524 MG815667 
16-2905 Actinemys marmorata 06 June 2016 Washington, USA MG780550 MG780497 MG780525 MG815668 
16-2916 Actinemys marmorata 20 September 
2016 
Washington, USA MG780551 MG780498 MG780526 MG815669 
16-2921 Actinemys marmorata 23 November 2016 Washington, USA MG780552 MG780499 MG780527 MG815670 
16-2923 Actinemys marmorata 23 November 2016 Washington, USA MG780553 MG780500 MG780528 MG815671 
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Genetic Locus 
Isolate ID(s) Host Species Date Isolated Host Location SSU ITS LSU ACT 
16-2924 Actinemys marmorata 23 November 2016 Washington, USA MG780554 MG780501 MG780529 MG815672 
16-2925 Actinemys marmorata 23 November 2016 Washington, USA MG780555 MG780502 MG780530 MG815673 
16-2927 Actinemys marmorata 23 November 2016 Washington, USA MG780556 MG780503 MG780531 MG815674 
ST-T1 Trachemys scripta elegans 14 July 2016 Washington, USA MG780557 MG780504 MG780532 MG815675 
17-2847 Actinemys marmorata 18 May 2017 Washington, USA MG780560 MG780507 MG780535 MG815677 
17-2848 Actinemys marmorata 18 May 2018 Washington, USA MG780561 MG780508 MG780536 MG815678 








- MG780509 MG780537 - 
03-1714 (tis.) Emydura subglobosa - - MG780510 MG780538 MG815679 
10-1838 (tis.) Hydromedusa tectifera - - - MG780511 - - 
10-1915 (tis.) Podocnemis vogli - - - MG780512 MG780539 MG815680 
10-1941 (tis.) Podocnemis vogli - - - MG780513 - MG815681 
11-1748 (tis.) Apalone spinifera - - - MG780514 MG780540 MG815682 
13-1705 (tis.) Chelus fimbriatus - - - MG780515 - - 
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Table 2.3 Accession numbers of fungal sequences retrieved from GenBank for inclusion in phylogenetic analyses. Genes for which 
sequence data was not available are indicated with a hyphen (-). ATCC = American Type Culture Collection; CBS = Centraalbureau 
voor Schimmelcultures (now Westerdijk Fungal Biodiversity Institute); FMR = Facultad de Medicina Reus; IFM = Research Center 
for Pathogenic Fungi and Microbial Toxicoses; IMI = International Mycological Institute; LC = Laboratory of Cryptogamy; NBRC = 
National Institute of Technology and Evaluation (NITE) Biological Resource Center; NCPF = National Collection of Pathogenic 
Fungi; RV = Collection of Leptospira Strains, Istituto Superiore di Sanita; UAMH = University of Alberta Microfungus Collection 
and Herbarium; UTHSC = University of Texas Health Science Center. Type strains, as reported, are denoted with (T). 
  
Genetic Locus 
Species Strain ID SSU ITS LSU ACT 
Aphanoascella galapagosensis (T) UAMH 11703 - NR_132869 NG_057013 - 
Aphanoascus cinnabarinus CBS 267.72 AB015788 JN899376 - - 
Aphanoascus reticulisporus (T) NBRC 32372 JN941599 JN943434 JN941549 - 
Aphanoascus terreus (T) NBRC 31781 JN941597 JN943436 JN941551 - 
Aphanoascus verrucosus NBRC 32382 JN941595 JN943439 JN941554 - 
Arachnomyces peruvianus CBS 113.54 - MF572319 MF572324 - 
Arthroderma ciferrii (T) CBS 272.66 AB015769 AJ877217 AB040681 - 
Aspergillus fumigatus (T) ATCC 1022 - HQ026746 AY660917 - 
Auxarthron alboluteum (T) UAMH 2846 AY124494 AY177303 AB359411 - 
Auxarthron compactum (T) CBS 200.64 AB015767 AJ271574 AB040692 - 
Auxarthron filamentosum (T) UAMH 4097 AY124501 AY177298 - - 
Auxarthron kuehnii (T) CBS 539.72 AB015766 AJ271417 AB040691 - 
Auxarthron umbrinum (T) UAMH 3952 AY124498 AY177309 - - 
Auxarthron zuffianum (T) UAMH 1875 AY124493 AY177306 - - 
Castanedomyces australiensis FMR 5484 AJ131786 AJ131785 - - 
Chrysosporium evolceanui (T) RV 26475 - AJ005368 - - 
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Table 2.3 continued 
  
Genetic Locus 
Species Strain ID SSU ITS LSU ACT 
Chrysosporium fluviale FMR 6005 - AJ005367 - - 
Chrysosporium keratinophilum (T) IFM 55159 - AB361656 AB359444 - 
Chrysosporium siglerae (T) UAMH 6541 - AJ131684 - - 
Chrysosporium submersum IMI 379911 - AJ131686 - - 
Chrysosporium tropicum UAMH 691 - AJ131685 - - 
Coccidioides immitis RS XR_001099880 KJ783447 XR_001099877 NW_004504310 
Coccidioides posadasii (T) ATCC 28868 X58571 U18360 - - 
Ctenomyces serratus CBS 187.61 AB015771 AJ877222 AB040683 - 
Emmonsia crescens UAMH 1067 U29390 AF038346 - - 
Emmonsia sola NCPF 4289 - HF563673 HF563677 HF563666 
Gymnascella hyalinospora (T) CBS 548.72 AB015775 AJ315826 AB040687 - 
Gymnoascus aurantiacus ATCC 22394 - HM991267 AY176747 - 
Gymnoascus littoralis (T) CBS 454.73 FJ358340 AJ315833 FJ358272 - 
Gymnoascus petalosporus IFM 47417 - AB361639 AB359429 - 
Histoplasma capsulatum UAMH 7141 - AF038353 - - 
Kraurogymnocarpa trochleospora (T) UAMH 10101 AY177295 KF477238 AB075344 - 
Microsporum canis ATCC 36299 EF631605 EF631605 - EF631626 
Nannizziopsis arthrosporioides (T) UTHSC R-4263 - HF547872 HF547857 HF547885 
Nannizziopsis barbatae (T) UAMH 11185 KF466861 JF323871 - - 
Nannizziopsis chlamydospora UTHSC 06-1419  - HF547871 HF547855 HF547881 
Nannizziopsis chlamydospora (T) UTHSC 04-2056 - HF547870 HF547854 HF547879 
Nannizziopsis crocodili   UAMH 9908 - KF477205 - - 
Nannizziopsis crocodili (T) UAMH 9666  KF466860 KF477204 - - 
Nannizziopsis dermatitidis UAMH 7861 - KF477201 - - 
Nannizziopsis dermatitidis (T) UAMH 7583 KF466859 KF477200 - - 
Nannizziopsis draconii (T) CCFVB CH12 - EU883993 HF547856 HF547883 
Nannizziopsis guarroi UAMH 10171 KF466862 KF477206 - - 
Nannizziopsis guarroi UTHSC 06-3993 - HF547875 HF547866 HF547897 
Nannizziopsis guarroi (T) CBS 124553 - EU018451 FJ839684 HF547895 
Nannizziopsis hominis UAMH 9852 - KF477216 - - 
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Table 2.3 continued 
  
Genetic Locus 
Species Strain ID SSU ITS LSU ACT 
Nannizziopsis hominis (T) UAMH 7859 KF466864 KF477215 - - 
Nannizziopsis infrequens (T) UAMH 10417 KF466863 AY744467 - - 
Nannizziopsis pluriseptata (T) UTHSC 10-1045 - HF547874 HF547859 HF547889 
Nannizziopsis vriesii UAMH 3526 - KF477197 - - 
Nannizziopsis vriesii (T) UAMH 3527 KF466858 KF477198 AY176715 HF547893 
Onygena equine ATCC 22731 - - AY176717 - 
Ophidiomyces ophiodiicola UAMH 10717 KF466871 KF477233 - - 
Ophidiomyces ophiodiicola UAMH 6642 KF466869 KC884267 - - 
Ophidiomyces ophiodiicola UAMH 6688 KF466870 KF477228 - - 
Ophidiomyces ophiodiicola (T) CBS 122913 - EU715819 EU715820 HF547891 
Paranannizziopsis australasiensis UAMH 10439 KF466866 KF477218 - - 
Paranannizziopsis australasiensis UAMH 11665 - KF477221 - - 
Paranannizziopsis australasiensis (T) UAMH 11645 - KF477220 - - 
Paranannizziopsis californiensis UAMH 10692 - KF477223 - - 
Paranannizziopsis californiensis (T) UAMH 10693 KF466867 KF477224 - - 
Paranannizziopsis crustacea (T) UAMH 10199 KF466868 KF477225 - - 
Paranannizziopsis longispora (T) UTHSC R-4380 - HF547873 HF547858 HF547887 
Paraphyton cookei (T) CBS 228.58 - KT155835 KT155174 - 
Pectinotrichum chinense LC 5811 - KU746695 KU746741 - 
Pectinotrichum llanense CBS 882.71 AB015783 NR_119467 AB040698 - 
Penicillium chrysogenum CBS 306.48 GU733359 AY213669 AY213615 - 
Spiromastigoides princeps (T) IMI 169642 - AJ315840 - - 
Spiromastigoides warcupii (T) CBS 576.63 AB015768 LN867609 AB040679 LN867616 
Uncinocarpus queenslandicus CBS 280.77 - AB361646 AB359434 - 
Uncinocarpus queenslandicus (T) IMI 121675 AJ315173 AJ390394 - - 




Table 2.4 Minimum inhibitory concentrations (MIC, g/mL) of antifungal drugs for three 
Emydomyces isolates (16-2883(T), 13-1796, and AST-RC34RV5B), as determined by broth 
dilution antifungal susceptibility testing performed at the UT Health San Antonio Fungus Testing 
Laboratory. * Indicates that no MIC was determined as no isolate growth was detected under 
standard assay conditions.  
 16-2883 13-1796 AST-RC34RV5B 
Fluconazole   2.0 1 * 
Itraconazole     0.25 *    0.06 
Posaconazole       0.125 < 0.03 < 0.03 
Voriconazole  < 0.03 * < 0.03 
















Figure 2.1 Photomicrograph of shell lesion of a Mata Mata (Chelus fimbriatus) with 
Emydomyces testavorans hyphae noted at the leading edge. Emydomyces testavorans was 
confirmed in this case via ITS sequence analysis. Grocott-Gomori’s methenamine silver stain, 






Figure 2.2 Colony of Emydomyces testavorans after 28 days of incubation on CMA at 22°C (A). 
Microscopic morphology of Emydomyces testavorans showing fission arthroconidia on WA (B), 
aleurioconidia and arthroconidia on CMA (C), aleurioconidia on WA (D), a single 
aleurioconidium produced laterally on PYE (E), a single aleurioconidium produced apically on 
long lateral branch on PYE (F), intercalary anthroconidia on PYE (G), variously-shaped 
aleurioconidia on PDA (H and I). Images A-D from holotype (ILLS81479), E-I from paratype 


















Figure 2.2 continued 
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Figure 2.3 Most likely phylogenetic tree derived from RAxML analysis of concatenated SSU, 
ITS, LSU, and ACT nucleotide sequences. Nodes with significant support in both ML and BI are 
labeled above branches with ML bootstrap (BS) support values (≥ 70%) and below branches 
with Bayesian posterior probability (PP) values (≥ 0.95). Branch lengths are proportional to 
genetic distance, as measured by average number of substitutions per site (scale bar bottom 
center). The tree is rooted with representative taxa of order Eurotiales. Clades are colored for 
Emydomyces (green), Ophidiomyces (red), Paranannizziopsis (yellow), and Nannizziopsis (blue).  
























CHAPTER 3: Shell Lesions Associated with Emydomyces testavorans Infection in 
Freshwater Aquatic Turtles  
 
Abstract 
 Fungi, most notably species of Nannizziopsis, Paranannizziopsis, and Ophidiomyces, 
have been identified as significant primary pathogens of various reptiles, including squamates 
(lizards and snakes), crocodilians, and tuataras, and infection has hindered conservation efforts 
for some species. A newly described onygenalean fungus, Emydomyces testavorans, has been 
isolated from ulcerative shell lesions of freshwater aquatic chelonians. To investigate the lesions 
associated with infection and determine if any lesional features were unique to E. testavorans, 
archival tissues from turtles (n = 48) submitted to the Zoological Pathology Program between 
1997 and 2017 were examined. Histologic shell sections were evaluated for the presence or 
absence of specific lesional features. Emydomyces testavorans infection was evaluated 
histologically for the presence of morphologically compatible fungi in lesional tissue on GMS 
stained sections and by qPCR on representative FFPE sections from all cases. Additionally, for 
cases with available fresh/frozen tissue (n = 13), PCR and culture were attempted. In total, there 
were n = 27 cases of confirmed E. testavorans infection, and n = 21 cases with shell lesions 
without histologic or molecular evidence of E. testavorans infection. Epithelial inclusion cysts, 
defined as cystic structures within the dermis lined by keratinized stratified squamous epithelium 
and containing necrotic bone and keratin debris, were significantly (p < 0.01) associated with E. 
testavorans infection. Other significantly associated lesions included squamous metaplasia, 
hyperkeratosis, inflammation and osteonecrosis (p < 0.05). Although this fungus has only 
recently been described, it may represent a significant, and previously overlooked, disease threat 
to both free-ranging turtles and those under human care. 
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Introduction 
Several species of Nannizziopsis, Paranannizziopsis, and Ophidiomyces have been 
recently identified as primary reptile pathogens that have significantly impacted in situ 
conservation efforts, most notably the Chrysosporium anamorph of Nannizziopsis vriesii 
(CANV) affecting lizards and Ophidiomyces ophiodiicola affecting snakes (Allender et al., 2011; 
Allender et al., 2015; Clark et al., 2011; Paré and Sigler, 2006). These keratinophilic fungi 
belong to the order Onygenales and are known to exist as environmental saprophytes (Allender 
et al., 2015; Sigler et al., 2013; Stchigel et al., 2013). Nannizziopsis sp. infection in lizards results 
in ulcerative dermatitis that progresses to localized granulomatous cellulitis and osteomyelitis 
(Bowman et al., 2007; Paré et al., 2006; Paré and Sigler, 2006). In many cases, infections are of 
such severity that the animal is euthanized or dies due to complications. Ophidiomyces 
ophiodiicola infection has been reported in a variety of snake species, including the endangered 
Eastern Massasauga rattlesnake (Sistrurus catenatus), where it causes severe facial deformities 
(Allender et al., 2011). Rare cases result in systemic mycotic infection (Robertson et al., 2016). 
Ophidiomyces ophiodiicola infection is also thought to be contributing to population declines in 
the timber rattlesnake (Crotalus horridus), which is endangered in portions of its range (Clark et 
al., 2011; Lorch et al., 2016). Current understanding of the epidemiology and pathogenesis of 
onygenalean fungal infections in reptiles is limited, though one study has suggested that 
cutaneous damage enhances, but is not required for disease development (Paré et al., 2006). 
While several species of related fungi have been isolated from the cloaca and eggs of healthy sea 
turtles (Guclu et al., 2010; Phillot et al., 2002); there are no available reports of these fungi 
causing disease in chelonians.  
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Shell disease is a common cause of morbidity and mortality in free-ranging chelonians 
and those in managed care environments (Barten, 2006; Rodriguez et al., 2018). Septicemic 
cutaneous ulcerative disease (SCUD) is a well-documented example of shell disease in aquatic 
turtles, in which bacterial dermatitis and osteomyelitis develop secondary to superficial trauma 
and poor water quality (Barten, 2006; Jacobson, 1981). In addition to bacteria, common causes 
of shell lesions include traumatic injury and metabolic/nutritional imbalances, although often the 
etiology is unknown (Barten, 2006; Rodriguez et al., 2018). A newly described onygenalean 
fungus, Emydomyces testavorans, has been isolated from unusual ulcerative shell lesions of 
freshwater aquatic turtles (Woodburn et al., 2019). The following retrospective descriptive study 
was initiated to describe the lesions associated with E. testavorans infection.  
 
Materials and Methods 
Study Animals  
 Cases (n=48) were identified via retrospective search of the Zoological Pathology 
Program (ZPP) archives by conducting a search of the laboratory database (VADDS v9.0) using 
the keywords “carapace” and “plastron” and limiting to freshwater aquatic and semiaquatic turtle 
species. Submissions from sea turtles (superfamily Chelonioidea) and terrestrial tortoises (family 
Testudinidae) were excluded. A total of 113 cases were initially identified from submissions 
between 1997 – 2017. Cases from freshwater turtles for which there were both documented shell 
lesions and archival lesional shell tissue available for histologic examination were considered for 
inclusion. Final inclusion was further limited to cases in which histologic shell sections included 
keratin layer, epidermis, dermis, and dermal shell bone. Cases in which only partial shell sections 
were available, e.g. consisting of superficial keratin or necrotic debris, were excluded. Where 
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individual turtles were associated with multiple submissions, such as when a shell biopsy was 
submitted prior to death and necropsy, histopathologic and E. testavorans detection data were 
collated so that each case used in final analyses represented a single unique turtle.   
 
Histopathologic Evaluation 
 Formalin-fixed tissues were processed for histopathology at the University of Illinois 
Veterinary Diagnostic Laboratory. As chelonian shells contain both bone and keratin, formalin-
fixed shell sections were pre-treated sequentially with both a commercially available 
decalcifying agent containing 15% formic acid (DeltaFORM, Delta Medical, Inc., Aurora, IL) 
and a keratin softening solution (3% HCl and 9% Tween80 in aqueous solution). Tissues were 
then processed routinely and stained with hematoxylin and eosin (HE). One representative shell 
slide from each case was also stained with Grocott-Gomori’s methenamine silver (GMS) to 
enhance detection of fungi and evaluation of fungal morphology within lesions.  
 Signalment information, gross necropsy findings, and gross images, as available, were 
examined and recorded for each submission. Soft tissue sections from necropsy submissions 
were reviewed histologically to identify any underlying or systemic disease processes. Shell 
tissues were evaluated for any morphologic changes to the epidermis, dermis, and bone, and 
lesions were identified descriptively with respect to process and potential cause. If any 
potentially infectious organisms were detected on HE, their morphology and location (i.e. 
whether along the leading edge of lesions or along the surface of the shell [superficial]) were 
recorded.  
 During the course of preliminary histologic evaluation unusual shell lesions were 
detected in a subset of cases. These lesions consisted of cystic structures within the dermis and/or 
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bone lined by stratified squamous keratinizing epithelium and containing abundant keratin, 
necrotic debris, and fragments of necrotic bone. For the purposes of analysis, these lesions were 
termed “epithelial inclusion cysts”. 
 To allow for statistical comparison between lesional features associated with E. 
testavorans infection and those due to other causes, shell sections were specifically evaluated for 
the strict presence or absence of epithelial inclusion cysts, ulceration, hyperkeratosis, squamous 
metaplasia of the scute epidermis, necrosis of dermal bone (osteonecrosis), and inflammation of 
any nature.  
 
Fungal detection  
 The presence or absence of E. testavorans within shell tissues was determined using three 
different modalities. For all cases (n = 48), GMS-stained sections were evaluated for the 
presence or absence of fungi, fungal morphology, and location (lesional or superficial). Hyphae 
that were 1 – 4 µm diameter with regular septations and acute to right-angle branching were 
considered morphologically compatible with E. testavorans (Woodburn et al., 2019). Cases 
having compatible fungi were recorded as a positive detection.  
 A subset of cases (n = 13) had available fresh or frozen lesional tissue. Culturing of E. 
testavorans was performed using previously published methods and selective media (Woodburn 
et al., 2019). The specific identity of all cultured fungal isolates was confirmed via PCR and 
sequence analysis of the internal transcribed spaced (ITS) region according to previously 
published methods (Woodburn et al., 2019). For tissues from which fungal culture was 
unsuccessful, the same ITS PCR and sequence analysis was performed directly on tissue DNA 
extracts.    
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For the remaining cases (n = 35), only formalin-fixed-paraffin-embedded (FFPE) shell 
were available for molecular testing. Because the ITS PCR targets a 630bp fragment and 
formalin fixation degrades DNA, a qPCR targeting an 83bp segment of the E. testavorans 28S 
rRNA gene was developed to test for E. testavorans in these FFPE samples. Using DNA 
alignments generated for previous phylogenetic analyses of E. testavorans and related 
onygenalean fungi (Woodburn et al., 2019), a custom TaqMan® MGB (Applied Biosystems™) 
probe-based qPCR assay was designed. The assay had an analytical sensitivity of 9.2 copies of 
target sequence per microliter, a reaction efficiency of 91.7%, and a coefficient of determination 
(r
2
) of 0.997. Specificity of the assay was confirmed by testing available DNA extracts of closely 
related fungal isolates (Chrysosporium keratinophilum, Ophidiomyces ophiodiicola, and 
Nannizziopsis arthrosporioides) as well as DNA extracts from an archival clinical sample 
confirmed to be infected with the onygenalean fungus Coccidioides immitis. To test the ability of 
this assay to identify E. testavorans DNA in FFPE samples, all samples (n = 48), including the 
13 with previous culture and ITS PCR identification were tested. DNA was extracted from one 
representative block of formalin-fixed-paraffin-embedded (FFPE) shell tissues according to 
previously published protocols (St. Leger et al., 2009). DNA extracts were tested in triplicate via 
qPCR, and samples for which target DNA was amplified with a mean Ct value ≤ 37 were 
considered positive for E. testavorans.  
 
Statistical Analyses 
 Data analysis was performed using R Statistic Software v3.6.0. Univariate and 
multivariate logistic regression models were used to evaluate associations between E. 
testavorans infection and specific lesion characteristics. Manual backward stepwise regression 
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was used to sequentially eliminate variables using information-theoretic model selection and the 
Akaike information criterion (AIC). Biologically meaningful pairwise interactions were assessed 
between model variables. As multiple detection methods were utilized, two sets of analyses were 
performed with different criteria for confirmation of Emydomyces testavorans infection. In the 
first analysis, all cases in which morphologically compatible hyphae were apparent in GMS 
stained tissue sections were considered to have confirmed E. testavorans infection. In the second 
and more stringent set of analyses, only cases in which E. testavorans was detected via PCR 
and/or culture were considered to have confirmed infection. For both sets of analyses, 
significance of association between lesional features and E. testavorans infection was determined 
at the p < 0.05 level.   
 
Results 
Study animals  
 In total, 60 submissions were identified from years 1999 to 2017 that met criteria for 
inclusion in this study. Submissions consisted of 24 biopsies and 36 necropsies from 48 
individual turtles (Table 3.1). Nine turtles had multiple submissions, either biopsy and necropsy 
(case Nos. 6, 14, 15, 24, 26, 37, 45) or multiple biopsies only (case Nos. 10, 13). Turtles were 
taxonomically diverse, comprising 19 genera and 25 unique species: Actinemys marmorata (5), 
Apalone ferox (1), Apalone spinifera (2), Chelus fimbriatus (3), Chrysemys picta (3), Clemmys 
guttata (2), Emydura macquarii (1), Emydura subglobosa (5), Geoemyda spengleri (3), 
Graptemys oculifera (2), Heosemys spinosa (1), Hydromedusa tectifera (2), Kinosternon 
scorpioides (1), Phrynops hilarii (1), Platemys platycephala (1), Platysternon megacephalum 
(1), Podocnemis expansa (1), Podocnemis unifilis (4), Podocnemis vogli (3), Pseudemys nelsoni 
 44 
(1), Pseudemys rubriventris (1), Terrapene carolina (1), Terrapene ornata (1), Trachemys 
decorata (1), and Trachemys scripta (1). Sex distribution of study turtles was approximately 
equal with n = 20 females, n = 18 males, and n = 10 turtles of unspecified or undetermined sex. 
There were n = 38 adults, n = 9 juveniles, and n = 1 turtle of unspecified age.  
 
Pathologic Evaluation 
 Gross shell lesions were documented at necropsy in n = 29/30 cases for which gross 
reports were available to review. In most cases (n = 22), external lesions were described as 
multifocal ulcerations affecting carapacial and/or plastronal scutes. Additional reported gross 
lesions included smooth pitted depressions typical of previously healed damage (case Nos. 29 
and 33), discoloration and flaking of scute keratin (case Nos. 21 and 45), increased pliability 
(case No. 39), thickening and exudation along plastronal scute margins (case No. 17), and 
traumatic perforation (case No. 44). 
  In a subset of cases, (case Nos. 5, 6, 14, 15, 16, and 24) there were firm to hard, 
expansile, nodular masses that could not be detected externally but were apparent following 
exposure of the internal coelomic surface (Figure 3.1). Nodules displaced the coelomic 
membrane, distorted the internal contour of the shell, and compressed coelomic viscera, but were 
not noted to penetrate into the coelomic cavity. Nodules were cystic with central tan to grey-
brown, caseous to granular material, and in some cases communicated with surface ulcerations 
(Figure 3.2). 
 Results for histopathologic evaluation and fungal detection are presented for each case in 
Table 3.1. Histologically, normal chelonian shells are composed of a thick layer of compact 
acellular surface -keratin, a layer of pseudostratified columnar epithelial cells, a thin layer of 
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superficial dermal connective tissue, and full thickness dermal bone that ranges from compact to 
cancellous depending on the species and location on the shell (Figure 3.3) (Jacobson, 2007).  
Epithelial inclusion cysts were detected in 26 individuals (54.2%, case Nos. 1-10, 12-18, 20-27, 
46), including the six cases with grossly evident nodular lesions and in 25/27 (92.6%) cases with 
confirmed detection of E. testavorans. Histologically, cysts were multilocular intradermal and 
intraosseous structures and were associated with loss of shell bone (Figure 3.4). Cysts were lined 
by well-differentiated stratified squamous epithelium (squamous metaplasia) with orderly 
maturation and gradual keratinization; lining epithelium was contiguous with the overlying 
epidermis in sections where cyst lumens communicated with shell ulcers. Cyst lumens contained 
large amounts of lamellated and fragmented keratin, fragments of necrotic bone, and necrotic 
cellular debris (Figure 3.5). With the exception of one individual (case No. 46), all turtles with 
inclusion cysts also had hyphae morphologically compatible with E. testavorans, as detected by 
GMS, within squamous epithelium and amongst keratin debris (Figure 3.6). In the remaining 
case (case No. 46) there were lesional intrahistiocytic acid-fast bacteria (compatible with 
Mycobacterium spp.), but fungi were not detected by PCR or on GMS stains. In many cases with 
inclusion cysts (n = 20, case Nos. 1-6, 9, 12-18, 21, and 23-25) bacteria ranging from pure cocci 
to mixed populations were also noted within lesional necrotic debris, but not within the cyst 
epithelium.   
 In cases for which inclusion cysts were not observed, morphologic changes were within 
the spectrum of shell lesions previously reported for aquatic turtles. These included acute to 
chronic bacterial infections (n = 7, case Nos. 28, 30, 31, 38, 41, 45, and 48) characterized by 
ulceration, necrosis, and predominantly heterophilic inflammation. With increasing chronicity, 
additional changes indicative of repair such as fibrosis, bony remodeling, squamous metaplasia, 
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and hyperkeratosis were noted. In two cases (case Nos. 32 and 42), lesions were restricted to the 
stratum corneum and consisted of hyperkeratosis, with superficial layers of scute keratin 
colonized by mixed organisms including mixed bacteria, yeast, and fungal hyphae not 
morphologically compatible with E. testavorans. Three additional cases (case Nos. 34, 35, and 
43) had acute ulcerative and necrotizing lesions where an infectious etiology was suspected, but 
organisms were not detected within the examined shell sections.  
 Non-infectious causes of shell lesions included fibrous osteodystrophy resulting from 
renal or nutritional secondary hyperparathyroidism (case Nos. 39, 40, and 47), healed defects 
resulting from previous damage of unknown etiology (case Nos. 29 and 33), and acute traumatic 
injury (case No. 44).  
 
Fungal Detection 
On GMS stained sections, fungi morphologically compatible with E. testavorans were 
identified in 27 cases (56.3%, case Nos. 1-27) within the squamous epithelium lining inclusion 
cysts and amongst keratin debris (Figure 3.6). In addition to lesional E. testavorans hyphae, one 
case also had yeasts (case No. 21) and another had hyphae that were aseptate and larger (up to 
25μm diameter) than E. testavorans (case No. 26) adherent to superficial scute keratin. These 
superficial fungi were interpreted as environmental contamination. Similar superficial 
environmental hyphae or yeasts were also noted in five cases lacking inclusion cysts or E. 
testavorans hyphae (case Nos. 32, 33, 35, 42, and 44). All but two cases (case Nos. 11 and 19) 
which had morphologically compatible hyphae also had epithelial inclusion cysts. Both case 
Nos. 11 and 19 were biopsy only submissions comprised of small sections of shell tissue. 
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 E. testavorans infection was confirmed via PCR and/or qPCR in 15 cases (n = 15, 31.3%, 
case Nos. 1-15). ITS PCR and sequencing were positive in fresh or frozen tissues for E. 
testavorans in 14 cases (case Nos. 1-10, 12-15). qPCR on FFPE tissues was positive in only 
three cases (case Nos. 10, 11, and 13) including one case with morphologically compatible fungi 
but from which culture and ITS PCR was negative (case No. 11). For 12 cases (case Nos. 1-9, 
12, 14, and 15) in which E. testavorans was detected via ITS PCR and/or culture from fresh or 
frozen tissue, the organism could not be detected via qPCR of FFPE tissue. Fungal culture 
isolated E. testavorans in five (10.4%) cases (case Nos. 1-5). Identity of fungal isolates was 
confirmed with ITS PCR and sequencing. In one case (case No. 7), fungal culture yielded growth 
of Fusarium sp.; however, E. testavorans was detected via PCR of lesional tissue, and the 
Fusarium sp. isolate was considered a likely environmental contaminant. For all cases in which 
E. testavorans was detected via molecular modalities and/or culture, morphologically compatible 
hyphae were also detected in GMS stained sections of lesional tissue.  
  
Statistical Analyses 
 A summary of univariate logistic regression models is presented in Table 3.2. When the 
presence of hyphae in GMS sections was used to determine infection, the odds of E. testavorans 
infection was 6.25 greater in adult turtles than in juveniles (p = 0.0349). However, there was not 
a significant association between age and E. testavorans infection when determined by PCR (p = 
0.1774). The results of univariate analyses indicated that multiple histologic features were 
significantly associated with E. testavorans infection. When infection was defined by the 
presence of hyphae in GMS sections, inclusion cysts (p < 0.0001), squamous metaplasia (p = 
0.0014), hyperkeratosis (p = 0.0128), ulceration (p = 0.0043), osteonecrosis (p = 0.0014), and 
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inflammation (p = 0.0022) were significantly associated with E. testavorans infection. Using the 
more stringent molecular detection criterion, only inclusion cysts (p = 0.0035), squamous 
metaplasia (p = 0.0025), and hyperkeratosis (p = 0.0212) were significantly associated with E. 
testavorans infection. Both when the presence of hyphae in GMS stain and PCR were used to 
determine fungal infection, the final model after model selection contained only inclusion cysts. 
Using the presence of fungal hyphae to determine infection status, there were 250 times greater 
odds of Emydomyces testavorans infection when inclusion cysts were observed (p < 0.0001). 
Likewise, when PCR was used for fungal detection, the odds of fungal infection were 24.5 times 
greater when inclusion cysts were observed (p = 0.0035). 
 
Discussion 
 Emydomyces testavorans is a newly described onygenalean fungus that has been isolated 
from shell lesions of freshwater aquatic turtles (Woodburn et al., 2019). While anecdotal 
evidence has suggested that infection may be associated with unique shell lesions, namely 
epithelial inclusion cysts, the purpose of this descriptive retrospective study was to describe the 
lesions associated with the fungus and compare them to lesions in other types of shell disease. In 
the present analysis, epithelial inclusions cysts were indeed the most striking and consistent 
lesions associated with E. testavorans infection. Although two cases with confirmed infection 
did not present with inclusion cysts, both cases were biopsy submissions. While containing all 
shell layers, sections were small and fragmented, which may have precluded identification of 
inclusion cyst architecture. It is also notable that one turtle (Case No. 46) had inclusion cysts in 
the absence of confirmed E. testavorans infection. Lesions in this turtle were associated with 
mycobacterial infection, and thus epithelial inclusion cysts are highly suggestive of, though not 
necessarily pathognomonic for E. testavorans in chelonians.  
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 Shell disease is a significant cause of morbidity and mortality in free-ranging and 
managed aquatic chelonians (Barten, 2006; Rodriguez et al., 2018). Similar cysts lined by thick 
cornified epithelium with luminal keratin, necrotic bone and cellular debris have been reported 
previously in river cooters (Pseudemys concinna) and yellow-bellied turtles (Trachemys scripta) 
(Garner et al., 1997). In these cases, cysts were presumed to be a chronic lesion and indicative of 
a healing process with cysts walling off and expelling the necrotic bone. However, cysts were 
less extensive and less numerous than those in the current study. In the current study, cysts were 
the defining characteristic and did not appear to be part of a continuum. Similar cysts were also 
noted in desert tortoises as part of a disease presumed associated with dyskeratosis (Homer et al., 
1998). Although fungi were noted in some cases in both of these case series, they were presumed 
contaminants and a definitive etiology was not confirmed. Whether these are previous, 
unrecognized, cases of E. testavorans infection is uncertain. Isolation of E. testavorans is 
enhanced by selective media containing β-keratin (Woodburn et al., 2019). Although in our case 
series E. testavorans is typically easy to identify on GMS stained sections, fungal morphology is 
similar to that of other environmental fungi and thus they may have been discounted. In the cases 
described herein, molecular techniques helped identify the fungi prompting further study.    
Reports of fungal causes for shell infections are uncommon. An aldabra tortoise with 
deep flaking lesions with necrotic bone had keratin colonized by brown-pigmented fungi 
consistent with Exophiala oligosperma (Stringer et al., 2009). Hyalohyphomycosis caused by 
Paecilomyces lilacinus was identified in shell and systemic lesions from Fly River turtles 
(Carettochelys insculpta) (LaFortune et al., 2005). Fusarium semitectum was identified in scute 
lesions from Texas tortoises with lesions similar to the dyskeratosis lesions of the Gopher 
tortoise (Rose et al., 2001). Finally, an onygenalean fungus, Aphanoascella galapagosensis, has 
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been isolated from a Galapagos tortoise with carapace keratitis (Sutton et al., 2013). Inclusion 
cysts were not described in any of these cases. 
 The present study also observed squamous metaplasia, hyperkeratosis, osteonecrosis, and 
inflammation to be significantly associated with E. testavorans infection. Despite a statistically 
significant association with E. testavorans, these features were also present in cases of shell 
lesions due to other infectious and non-infectious causes and were recognized as non-specific. 
Ulceration, while significantly associated with E. testavorans when considering cases that were 
positive on GMS, was not significant when considering the more stringent criterion of PCR-
based detection.  
 The two sets of statistical analyses were conducted due to limits on fungal detection 
imposed by the retrospective nature of this study. Frozen tissue suitable for PCR/sequencing and 
fungal culture was only available for a subset of cases. For the remainder, only FFPE sections 
were available for testing. Both formalin fixation and formic acid decalcification necessary for 
histologic processing of turtle shells are known to fragment nucleic acids (Alers et al., 1999; 
Koshiba et al., 1993), resulting in lower yields of amplifiable DNA. It was hoped that a sensitive 
real-time quantitative PCR (qPCR) developed to specifically detect minute quantities of E. 
testavorans would amplify DNA in these samples. However, positive detection was limited to 
only three cases that were small(er) biopsy submissions, processed after only a short time in 
formic acid, presumably with resultant less DNA degradation. Thus, qPCR, or indeed any 
molecular-based testing, may result in false negatives when applied to FFPE shell tissues. 
Conversely, GMS-based confirmation of infection may result in false positives, as many fungi 
can have similar morphologic features in histologic section. Irrespective of the criteria for a 
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positive case, inclusion cysts are significantly associated with Emydomyces testavorans 
infection, and their presence should prompt a thorough search for the fungus. 
This study was able to demonstrate an association between E. testavorans infection and 
specific lesions, but the retrospective nature has limitations and causation remains to be 
determined. Additionally, it is uncertain how lesions develop over time in this infection. Given 
the general lack of understanding of inflammatory responses and wound healing in turtle shells 
and the number of previous case series describing shell disease of unknown etiology in other 
chelonians (Garner et al., 1997; Homer et al., 1998), following lesion progression over time may 
help with future investigations into shell diseases in other populations and with other pathogens. 
Additionally, because other bacteria and fungi were noted in some of these cases, it is uncertain 
whether E. testavorans can cause disease on its own or is facilitated by other risk factors or co-
pathogens. In experimental CANV infections, previous trauma or abrasions facilitated infection 
although were not required (Paré et al., 2006). Similarly, experimental studies of O. ophiodiicola 
have fulfilled Koch’s postulates and confirmed the pathogenic nature of this related fungus in the 
absence of previous trauma, though lesions developed at a higher rate in abraded inoculation 
sites (Lorch et al., 2015). Further research into the pathogenesis of E. testavorans infection and 
general studies into wound healing in the turtle shell are needed.   
 
Conclusions  
 The present study found that Emydomyces testavorans infection is associated with the 
development of cystic structures within the shells of freshwater aquatic turtles that are lined by 
keratinized stratified squamous epithelium and contain necrotic bone and keratin debris 
(epithelial inclusion cysts). One hundred four species of aquatic and semi-aquatic chelonians are 
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currently classified as vulnerable or endangered by the International Union for Conservation of 
Nature (IUCN) Red List (www.iucnredlist.org). Of the species with confirmed E. testavorans 
infection in the present study, two (Clemmys guttata and Heosemys spinosa) are listed as 
endangered, and two (Actinemys marmorata and Podocnemis unifilis) are listed as vulnerable. 
Although this fungus has only recently been described, it may represent a significant, and 




Tables and Figures 
Table 3.1 Archival turtle histopathology cases examined in this study. Listed for each individual turtle are basic signalment 
information, the presence or absence of Emydomyces testavorans in lesional shell tissue as determined by GMS stained sections, by 
PCR, and/or culture
a 
and the presence or absence of specific histologic features of shell lesions as determined by routine 
histopathology.  




Histologic Features of Shell Lesions 
Case Species Sex Age 
 







Ulceration Osteonecrosis Inflammation 
1 Actinemys marmorata U A  + + +  + + + + + + 
2 Actinemys marmorata U A  + + +  + + + + + + 
3 Actinemys marmorata U A  + + +  + + + + + + 
4 Actinemys marmorata U A  + + +  + + + + + + 
5 Apalone spinifera M A  + + +  + + + + + + 
6 Apalone spinifera M A  + + -  + + + + + + 
7 Chelus fimbriatus F A  + + -  + + + + + + 
8 Emydura subglobosa U J  + + -  + + + + + + 
9 Hydromedusa tectifera F A  + + -  + + + + + + 
10 Phrynops hilarii M A  + + n/d  + + + + + + 
11 Podocnemis expansa U A  + + n/d  - + + - - - 
12 Podocnemis unifilis M A  + + -  + + + + + + 
13 Podocnemis unifilis M A  + + n/d  + + + + + + 
14 Podocnemis vogli F A  + + -  + + + + + + 
15 Podocnemis vogli M A  + + -  + + + + + + 
16 Actinemys marmorata F A  + - -  + + + + + + 
17 Chelus fimbriatus M A  + - n/d  + + + + + + 
18 Clemmys guttata F A  + - n/d  + + + + + + 
19 Emydura subglobosa F J  + - n/d  - - - + + + 
20 Graptemys oculifera F A  + - -  + + + + + + 
21 Heosemys spinosa F A  + - n/d  + + + + + + 
22 Hydromedusa tectifera M A  + - n/d  + + + + + + 
23 Podocnemis unifilis F A  + - n/d  + + + + + - 
24 Podocnemis vogli F A  + - n/d  + + + + + + 
25 Pseudemys nelsoni F A  + - n/d  + + + + + + 
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Table 3.1 continued  




Histologic Features of Shell Lesions 
Case Species Sex Age 
 
GMSa PCR Culture 






Ulceration Osteonecrosis Inflammation 
26 Pseudemys rubriventris M A  + - n/d   + + + + + + 
27 Trachemys decorata F A  + - n/d   + + + + + + 
28 Apalone ferox M A  - - n/d   - - - + + + 
29 Chelus fimbriatus F A  - - n/d   - - + - - - 
30 Chrysemys picta M J  - - n/d   - - + - - - 
31 Chrysemys picta  F A  - - n/d   - + + + + + 
32 Chrysemys picta  M A  - - n/d   - - + - - - 
33 Clemmys guttata M A  - - n/d   - + + - - - 
34 Emydura macquarii M A  - - n/d   - - - + + - 
35 Emydura subglobosa F J  - - n/d   - - - + + + 
36 Emydura subglobosa U J  - - n/d   - - - + + + 
37 Emydura subglobosa F A  - - n/d   - + + + - + 
38 Geoemyda spengleri F J  - - n/d   - - - + + + 
39 Geoemyda spengleri U J  - - n/d   - - - - - - 
40 Geoemyda spengleri U J  - - n/d   - - - - - - 
41 Graptemys oculifera M A  - - n/d   - + + - - - 
42 Kinosternon scorpioides  M A  - - n/d   - - + - - - 
43 Platemys platycephala F A  - - n/d   - + + + - + 
44 Platysternon megacephalum F A  - - n/d   - + + - - - 
45 Podocnemis unifilis F A  - - n/d   - + + + + + 
46 Terrapene carolina  M U  - - n/d   + + + + + + 
47 Terrapene ornata   U J  - - n/d   - - - - - - 
48 Trachemys scripta  M A  - - n/d   - + + + + + 
 
Abbreviations: F, female. M, male. U, unknown. A, adult. J, juvenile. n/d, not done due to lack of available fresh/frozen tissue.  
a 
E. testavorans detected by the presence of morphologically compatible hyphae within lesional histopathology sections using Grocott-
Gomori’s methenamine silver stain (GMS) 
b
 Lesional features significantly associated with E. testavorans at the p < 0.05 level when confirmation of infection was determined by 
the presence of morphologically compatible hyphae in GMS-stained lesional tissue 
c
 Lesional features significantly associated with E. testavorans at the p < 0.05 level when confirmation of infection was determined by 
PCR of lesional tissue 
 55 
Table 3.2 Univariate logistic regression models for the association of E. testavorans infection detected via the presence of hyphae in 













Variable β SE 









    Adult 


















Inclusion Cysts 5.5215 1.2610 3.4386 8.7076  <0.0001 
Squamous 
Metaplasia 
3.5460 1.1100 1.7348 6.5202  0.0014 
Hyperkeratosis 2.7730 1.1140 0.9365 5.7484  0.0128 
Ulceration 3.1630 1.1090 1.3490 6.1345  0.0043 
Osteonecrosis 3.5460 1.1100 1.7348 6.5202  0.0014 
Inflammation 2.6210 0.8549 1.1082 4.6050  0.0022 
PCR 
       
Age 
    Adult 
 
Reference 
    
 
 
    Juvenile -1.4996 1.1119 -4.4724 0.3393  0.1774 
Inclusion Cysts 3.1990 1.0960 1.4223 6.1580  0.0035 
Squamous 
Metaplasia 
3.0163 1.5330 0.8613 7.8959  0.0025 
Hyperkeratosis 2.4866 1.5644 0.2997 7.3718  0.0212 
Ulceration 1.8060 1.1020 0.0003 4.7695  0.1012 
Osteonecrosis 2.0790 1.0970 0.2931 5.0373  0.0579 
Inflammation 2.0790 1.0970 0.2931 5.0373  0.0579 
 56 
Figures 3.1 - 3.6 Gross and histologic lesions associated with Emydomyces testavorans 
infection, shell, multiple aquatic turtle species.  Figure 3.1 The shell has multiple coalescing 
firm and expansile nodules, internal surface of carapace with viscera and appendicular skeletal 
elements removed, Podocnemis vogli (Case 14).  Figure 3.2 Nodules are cystic, filled with 
brown caseous to granular debris, and some lumens communicate with overlying scute 
ulcerations, cross section of carapace, Actinemys marmorata (Case 18).  Figure 3.3 Normal 
histologic appearance of the chelonian shell with superficial keratin, a thin band of dermal 
connective tissue, and dermal bone, carapace, Chrysemys picta (Case 31), Hematoxylin and 
eosin (HE).  Figure 3.4 Dermal bone is replaced by multifocal to coalescing epithelial inclusion 
cysts, some of which are contiguous with overlying ulcerated epidermis, plastron, Podocnemis 
unifilis (Case 24), HE.  Figure 3.5 Inclusion cysts are lined by stratified squamous keratinizing 
epithelium and contain fragments of necrotic bone, keratin, and necrotic cellular debris, 
carapace, Podocnemis vogli (Case 15), HE.  Figure 3.6 Within inclusion cysts and 
predominately within keratin layers are numerous fungi morphologically compatible with 
Emydomyces testavorans, carapace, Chelus fimbriatus (Case 7), Grocott-Gomori methenamine 












The western pond turtle (Actinemys marmorata, WPT) is locally endangered in 
Washington, is an Association of Zoos Aquariums SAFE® species, and is under review as a 
candidate species for federal listing under the Endangered Species Act. However, up to 86% of 
these turtles have a shell disease that has impacted reintroduction and release programs and led 
to euthanasia. Shell lesions are associated with the newly described fungus Emydomyces 
testavorans. The pathogenesis of these lesions and the role of potential co-pathogens to the 
development of shell disease is currently unknown. A metagenomic approach was utilized to 
evaluate the shell microflora of healthy and diseased turtles in order to identify common 
potential bacterial and fungal co-pathogens that may be involved in the development or 
complicate treatment of shell disease. Standardized shell swab samples were collected from free-
ranging WPT from two field sites in the state of Washington. Swabs from ten (n = 10) diseased 
turtles and ten (n = 10) healthy control turtles, as determined by CT scan and gross evaluation, 
were analyzed using targeted next-generation sequencing for bacterial and fungal organisms. 
Significant differences in bacterial populations were detected between field sites and locations on 
the shell (carapace or plastron). Significant differences in fungal populations were only detected 
between field sites. No significant differences in microbial diversity or differential abundance of 
taxa were observed to explain the difference between healthy and diseased turtles.  
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Introduction 
 Emydomyces testavorans is a recently described onygenalean fungus related to 
Nannizziopsis spp., which causes necrotizing dermatitis in lizards (yellow-fungus disease), and 
Ophidiomyces ophidioiicola, which causes necrotizing and disfiguring lesions in snakes (snake 
fungal disease) (Allender et al., 2011; Barten, 2006; Lorch et al., 2016; Paré and Sigler, 2006; 
Woodburn et al., 2019). Previous studies on Nannizziopsis infections of veiled chameleons 
suggested that while the fungus can cause disease on its own, previous trauma potentiates 
infection (Paré et al., 2006). In experimental studies of O. ophiodiicola, no co-pathogens or 
previous trauma were needed to cause infection, fulfilling Koch’s postulates (Allender et al., 
2015; Lorch et al., 2015). Pathogenesis studies of septicemic cutaneous ulcerative disease, a 
common bacterial disease of turtle shells has suggested that Serratia sp., which have proteolytic 
and lipolytic enzymes, facilitate Citrobacter invasion (Jacobson and Fulton, 1970). Whether 
development of shell lesions with E. testavorans infection require co-factors or co-pathogens is 
currently unknown. Histologic evaluation of lesions has identified concurrent bacteria and fungi 
within the lesions (see Chapter 3) but whether there are commonalities among these organisms 
and/or whether these are primary or secondary pathogens or opportunistic colonizers is 
unknown. 
 There is little information about the normal microbiome or mycobiome of the turtle shell. 
Most studies of turtle shell bacteria have focused on the presence of Salmonella sp. due to the 
emergence of turtle-associated salmonellosis as a public health concern (Walters et al., 2016). A 
variety of bacteria and fungi have been cultured from shell lesions in previously described cases 
(Garner et al., 1997; Hernandez-Divers, 2009; Kasim et al., 2017; LaFortune et al., 2005; 
Nardoni et al., 2012; Rose et al., 2001; Stringer et al., 2009; Sutton et al., 2013). However, 
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published metagenomic studies of the shell microbiome and mycobiome in health or disease are 
not available.    
The Western pond turtle (Actinemys marmorata, WPT), a medium-sized semi-aquatic 
turtle endemic to the North American west coast, is currently listed as locally endangered in the 
state of Washington and vulnerable by the IUCN (Hallock et al., 2017; www.iucnredlist.org). 
There are multiple efforts underway to recover the species; however, recovery efforts have been 
hindered by shell disease associated with E. testavorans. Infection is associated with ulceration, 
necrosis of shell bone and development of epithelial lined inclusion cysts (see Chapter 3). The 
purpose of this study was to test, using a metagenomic approach, whether there are common 
bacterial or fungal co-pathogens present within shell lesions that are not present on the shell of 
healthy western pond turtles.   
 
Materials and Methods 
Study Animals 
 Free-ranging WPT were opportunistically sampled during routine field health 
assessments conducted by Washington Department of Fish and Wildlife (WDFW) as part of 
ongoing population monitoring. Turtles were sampled from two populations in the South Puget 
Sound (GRP/Site 1) and Columbia River Gorge (Pierce/Site 2) regions of Washington State. 
Turtles were collected by hand (snorkeling) or with floating basking traps that were monitored 





Sample Collection  
For all study turtles, four swab samples were collected from each of two locations on the 
shell, the right first costal (carapace) and the right humeral (plastron) scutes irrespective of the 
presence of lesions. For each turtle with grossly evident shell lesions (see Chapter 3), four 
additional swabs were collected from a characteristic ulcerative lesion in closest proximity to 
either of the aforementioned standard sites (depending on lesion distribution for each individual). 
Swab locations were recorded and all lesions mapped. Swab sites were first rinsed with 
approximately 10 mL of sterile ultrapure water. A sterile nylon-tipped swab was then applied to 
the site with moderate pressure and rolled back and forth for 5 - 10 seconds. Swab tips were 
deposited in sterile 2 mL cryovials containing 1 mL of RNAlater and were held at ambient 
temperature for the duration of field assessments (7 - 30 days) before being transferred to -80°C.  
All swab sampling procedures were approved by the University of Illinois Institutional Animal 
Care and Use Committee (IACUC Protocol #16070).   
Turtles were characterized as having or not having shell disease based on the presence or 
absence of radiographically (via computed tomography [CT]) evident lytic bone lesions. As part 
of the ongoing disease surveillance of this population, WDFW performed CT scans on all 
individuals captured to determine the prevalence of shell disease. From all individuals sampled, a 
subset consisting of turtles with shell disease (n = 10) and healthy control turtles (n = 10) was 
selected for metagenomic analysis. All animals were released at their respective sites of origin 
following sample collection and radiographic evaluation. Diseased turtles included in this study 
were from both GRP (n = 6) and Pierce (n = 4) field sites. Healthy turtles were also from both 
GRP (n = 4) and Pierce (n = 6) field sites.  
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Sequencing Library Preparation 
 Swabs (n = 50) including one carapace and one plastron swab from all turtles as well as 
one lesional swab from diseased turtles were thawed at room temperature and removed from 
RNAlater for DNA extraction. Total genomic DNA was extracted using a commercially 
available kit (MagAttract PowerSoil DNA KF Kit, QIAGEN) on an automated platform 
(KingFisher Flex Purification System, Thermo Scientific). Extracted DNA was quantified 
with a commercially available kit (Quant-iT™ Pico-Green™, Invitrogen™) on a TECAN 
Infinite® 200 PRO (Tecan Group Ltd., Mannedorf, Switzerland) microplate reader.  
 Genomic DNA was amplified and sequencing libraries constructed using barcoded 
primer sets for 16S rRNA (bacteria and archaea) and ITS (fungi) genes following previously 
published protocols (www.earthmicrobiome.org). DNA from each swab was amplified in 
duplicate using Platinum™ Superfi™ Master Mix (Invitrogen™) and universal primers targeting 
the V4 region of the bacterial 16S rRNA gene, or the fungal ITS2 region. For the bacterial 16S 
rRNA gene, amplicons were generated with 515F (5′-GTGYCAGCMGCCGCGGTAA-3′) and 
806R (5′-GGACTACNVGGGTWTCTAAT-3′), while the fungal ITS2 region was amplified 
with primers ITS3 (5′-GCATCGATGAAGAACGCAGC-3′) and ITS4 (5′-
TCCTCCGCTTATTGATATGC-3′). The pool of barcoded amplicons was sequenced and 
demultiplexed on an Illumina MiSeq platform with a v2 reagent kit and 2×250bp read 
configuration (Illumina, San Diego, CA, USA). Each sequence was assigned to its original 
sample according to the barcode. Following demultiplexing, all metagenomic analyses were 
performed using QIIME2 v2019.1 software (Boylen et al., 2018). Full length forward and 
reverse reads of each paired-end sequence were de-noised, filtered, and merged using DADA2 
(Callahan et al., 2016). Sequence phylogeny was constructed by first aligning with MAFFT 
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(Katoh et al., 2013), masking highly variable positions, and using the FASTTREE algorithm 
(Price et al., 2009). Filtered sequences were clustered into operational taxonomic units (OTUs) 
using the q2 feature classifier that had been trained on either the GreenGenes 99% OTU (16S) 
(DeSantis et al., 2006) or UNITE dynamic OTU (ITS) database (Tedersoo et al., 2018). To 
calculate alpha and beta diversity metrics, the OTU table was subsampled to compensate for 
differences in total reads sequenced between samples. The OTU table was rarefied to equal 
abundance (6000 16S rRNA gene reads/sample, 5000 fungal ITS reads/sample) for further 
analyses. Samples producing fewer reads were eliminated from analysis. 
Because Emydomyces testavorans is a newly described fungus and does not appear within 
reference taxonomic classification databases, presence and amount of E. testavorans DNA was 
quantified using previously described qPCR protocols (see Chapter 3). 
 
Statistical Analyses 
The effect size and statistical significance of samples classifications included disease 
status of individual turtles (diseased versus healthy), site of shell swab (carapace versus 
plastron), and field site (GRP versus Pierce) on bacterial and fungal community composition 
were determined using the Kruskall-Wallis one-way analysis of variance (alpha diversity, 
Shannon diversity index) and Permutational Multivariate Analysis of Variance (beta diversity, 
weighted UNIFRAC distance matrix, PERMANOVA) (Lozupone et al., 2007).  
The differential abundance of bacterial and fungal taxa between sample classifications 





16S rRNA Bacterial Microbiome 
A total of 10,471,823 reads were generated for the bacterial 16S rRNA gene with a 
median of 189,162 and a range of 2732 - 228,445 reads per sample (including assay controls). 
After filtering, 635,911 reads were retained from shell swab samples with a median of 12,279 
and a range of 375 – 19,063 reads per sample (excluding assay controls). Retained reads 
comprised 1948 unique sequences, which were sorted into 465 OTUs (Table 4.1). There were no 
significant differences in alpha diversity as measured by the Shannon diversity index between 
sample classifications (Figure 4.1). However, there were significant differences in beta diversity 
by field site (p < 0.001) and swab site (p < 0.001), but not by disease status as determined by 
PERMANOVA (Figure 4.2). Because beta diversity varied by field site, data was further 
analyzed to test beta diversity between diseased and healthy turtles within each field site. 
Controlling for field site, beta diversity was still not significantly different between diseased and 
healthy turtles. Bacterial composition by taxonomic group and sample classifications are 
presented in Figure 4.3. A variety of bacterial taxa were identified (Table 4.1) including some 
bacteria isolated from shell lesions in previously published reports. Differentially abundant taxa 
were identified via DSFDR by both field site (Table 4.2) and swab site (Table 4.3). Bacterial 
families with greater abundance at GRP/Site 1 included Chamaesiphonaceae, 
Enterobacteriaceae, Gemmataceae, Hyphomicrobiaceae, Kineosporiaceae, Methylocystaceae, 
Mycobacteriaceae, and Oxalobacteraceae. Members of the families Chitinophagaceae, 
Cytophagaceae, Erythrobacteraceae, Methylophilaceae, Nostacaceae, Phormidiaceae, 
Pseuanabaenaceae, Rhodobacteraceae, Rivulariaceae, Spirochaetaceae, and Weeksellaceae were 
more abundant at Pierce/Site 2. No differentially abundant taxa of significance were identified 
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when comparing swabs of diseased turtles with swabs of healthy turtles, even when controlling 
for both field site and swab site.  
 
ITS2 Fungal Mycobiome and E. testavorans PCR 
A total of 9,066,146 reads were generated for the fungal ITS2 gene with a median of 
139,294 and a range of 0 – 581,836 reads per sample (including assay controls). After filtering, 
740,224 reads were retained from shell swab samples with a median of 10,221 and a range of 
600 – 55,174 reads per sample (excluding assay controls). Retained reads comprised 1,295 
unique sequences, which were sorted into 34 OTUs (Table 4.4). Similar to the 16S rRNA 
microbiome, there were no significant differences in alpha diversity among the sample 
classifications (Figure 4.4). There was, however, a significant difference in beta diversity by 
field site (p = 0.008)(Figure 4.5). A single differentially abundant taxon, Passalora californica, 
was identified between field sites via DSFDR (test statistic = -10.833, p = 0.002). Passalora 
californica was detected in 13 samples from GRP/Site 1 but was not detected in any samples 
from Pierce/Site 2. No statistically significant differences in beta diversity or differentially 
abundant taxa were detected among sample classifications of disease status or swab site, even 
when correcting for the difference in field site (Figure 4.5). Fungal composition by taxonomic 
group and sample classifications are presented in Figure 4.6. It should be noted that the well-
documented opportunistic fungal pathogen Curvularia was detected in a single lesional swab 
from one diseased turtle (sample 615L1). However, detection was limited to only 32 sequencing 
reads in that sample, and as Curvularia was not detected in any other sample, this finding is 
thought to be incidental and reflective of environmental contamination.  
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E. testavorans qPCR was positive in swabs from 60% of diseased turtles and 30% 
healthy turtles.  CT values were significantly lower (p = 0.03) in swabs of lesional sites from 
diseased turtles than swabs from healthy turtles suggesting a higher concentration of E. 
testavorans fungal DNA at the site of shell lesion.  In diseased turtles, only one non-lesional 
swab was positive for E. testavorans DNA. E. testavorans DNA was present on the shells of five 
turtles from GRP/Site 1 and 4 turtles from Pierce/Site 2. 
 
Discussion 
 Utilizing a metagenomic approach, no organisms were consistently identified in lesional 
shell swabs in comparison to healthy or non-disease shell sites, suggesting that co-pathogens are 
not required for the development of Emydomyces testavorans associated shell disease in WPT. 
Being a newly described fungus, E. testavorans sequences are not yet included in curated 
taxonomic databases such as UNITE, and thus infection could not be confirmed with standard 
metagenomic protocols in the current study. To circumvent this limitation, a specific qPCR was 
used to detect E. testavorans in swab samples. While E. testavorans was identified on the shells 
of some healthy as well as diseased turtles, it was present at lower quantities in healthy 
individuals based on qPCR. It was not unexpected to find E. testavorans on the shells of healthy 
WPT. Studies of environmental samples have identified E. testavorans in the soil substrate and 
within the water column (Woodburn and Hazemi, unpublished data). Studies on Ophidiomyces 
ophiodiicola, a related onygenalean fungus of snakes, have found that physiological 
characteristics of that pathogen support its existence as an environmental saprophyte (Allender et 
al, 2015). Both diseased and healthy turtles were sampled at both field sites, and therefore the 
fungus is presumed to be within both environments. Furthermore, turtles were sampled after only 
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brief washing of the shell, and some of the swabbed material may have represented 
environmental bacteria and fungi rather than true shell micro- and mycobiome. Additionally, 
because swabs were taken from the superficial portions of the lesions and the lesions were not 
curetted, fungus within some lesional tissue may have been missed. Histologic evaluation of E. 
testavorans infection suggests that the fungus is prevalent along the leading (deep) margin of 
lesions (see Chapter 3). Therefore, without more invasive sampling, some lesional swabs may 
have missed the presence of this fungus.   
 Differences in the microbiome and mycobiome by field site were not unexpected given 
environmental differences between the two sampled sites. GRP/Site 1 is a shallow 8 hectare 
pond surrounded by wooded uplands that are heavily managed for timber production. Pierce/Site 
2 covers 4.9 hectares and includes a wetland mitigation site and adjacent grass uplands (Hallock 
et al., 2017). Bacterial families with greater abundance at GRP/Site 1 included 
Chamaesiphonaceae, Enterobacteriaceae, Gemmataceae, Hyphomicrobiaceae, Kineosporiaceae, 
Methylocystaceae, Mycobacteriaceae, and Oxalobacteraceae. Members of the families 
Chitinophagaceae, Cytophagaceae, Erythrobacteraceae, Methylophilaceae, Nostacaceae, 
Phormidiaceae, Pseuanabaenaceae, Rhodobacteraceae, Rivulariaceae, Spirochaetaceae, and 
Weeksellaceae were more abundant at Pierce/Site 2. The differentially abundant fungus 
Passalora californica is a plant pathogen infecting milkweed (Asclepias fasicularis), and thus its 
presence only at GRP/Site 1 is presumably associated with differences in local vegetation (Koike 
et al., 2011). Despite these differences in habitat and microbial flora, E. testavorans and CT 
evident shell disease was noted in both sites. In the absence of any differences in disease 
between the two sites, these microbial differences are not thought to either predispose to or 
protect against disease.  
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 Similarly, the differences in bacterial beta diversity and differentially abundant taxa by 
swab site are of uncertain importance. When correcting for differences attributable to field site, 
taxa within the bacterial family Sphingomonadaceae were more abundant on nonlesional 
carapace swabs, whereas taxa within the family Kineosporiaceae as well as members of the 
genus Methylosinus were more abundant within nonlesional plastron swabs. While 
sphingomonads are known to cause opportunistic infections and nosocomial epidemics in 
humans (Toh et al., 2011), Sphingomonas paucimobilis has been isolated from conjunctival 
swabs of turtles and tortoises without apparent ocular disease and thus may be normal 
commensal flora in chelonians (Di lanni et al., 2015). Kineosporiaceae are commonly isolated 
from decaying plant matter (Kudo et al., 1998), and Methylosinus is a methanotrophic bacterium 
(Sullivan et al., 1998). As the plastron has more consistent contact with the bottom substrate of 
freshwater ponds and lakes, where both organic debris and methane are plentiful, differences in 
these taxa are likely reflective of varying microclimates on different portions of the shell. 
Regardless, lesions associated with Emydomyces testavorans infection are present on both the 
carapace and plastron in WPT and other aquatic turtle species (see Chapter 3) so disease status is 
not thought to be significantly influenced by these factors.   
As previously stated, a major limitation of this metagenomic analysis was the 
incompleteness of the curated bacterial (GreenGenes) and fungal (UNITE) sequence databases. 
These databases were selected due to their common use in metagenomic studies, and both are 
curated by experts in the fields of microbiology and mycology. However, aside from the obvious 
drawback of the UNITE database lacking reference Emydomyces sequences, both databases 
failed to classify a large proportion of sequences beyond the family level. In fact, most sequences 
generated during mycobiome analyses could only be classified as belonging to Kingdom Fungi. 
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It is hoped that as both sequencing technology and computational power continue to improve in 
speed and cost, these open-source curated databases will become more complete, allowing more 
precise identification and greater resolution of bacterial and fungal communities. 
 The composition of the microbiome and mycobiome of turtle shells was previously 
undocumented, though there are few published reports documenting the fecal micro- and 
mycobiome in freshwater turtles and none that sampled the mycobiome (Nowakiewicz et al., 
2015; Ruzausakas et al., 2016). Reports documenting changes to the cutaneous micro- and 
mycobiome in other reptilian fungal diseases are fewer still, though one recent study detected 
significant reductions in fungal alpha diversity and changes in differential abundance of multiple 
bacterial taxa in Eastern Massasauga rattlesnakes (Sistrurus catenatus) infected with the related 
onygenalean fungus Ophidiomyces ophiodiicola (Allender et al., 2018). Despite the lack of 
similar findings in the present study in WPT, one key difference should be noted. While 
Ophidiomyces was not detected in any samples from healthy snakes, Emydomyces was detected 
in 30% of swab samples from “healthy” turtles without grossly or radiographically evident signs 
of shell disease. Further studies on the pathogenesis of Emydomyces-associated shell lesions, 
including sampling of turtles from unaffected sites, are needed to fully understand the 
significance of this finding. Although no significant association with lesions or disease status 
was identified among non-Emydomyces microbes, the microbial assemblages determined in this 
study can be used to evaluate microbial communities in shell disease in future studies.  
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Tables and Figures  
Table 4.1 Bacterial taxa identified on turtle shells 
a,b
 
Kingdom Phylum Class Order Family Genus Species 
Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteraceiae Methanobacterium   
Archaea Euryarchaeota Methanobacteria Methanobacteriales Methanobacteraceiae Methanobacterium beijingense 
Archaea Euryarchaeota Methanomicrobia Methanomicrobiales Methanoregulaceae Candidatus Methanregula   
Archaea Euryarchaeota Methanomicrobia Methanosarcinales Methanosaetaceae Methanoaeta   
Bacteria Acidobacteria Acidobacteriia Acidobacteriales Acidobacteriaceae     
Bacteria Acidobacteria Acidobacteriia Acidobacteriales Koribacteraceae     
Bacteria Acidobacteria Acidobacteriia Acidobacteriales Koribacteraceae Candidatus Koribacter   
Bacteria Acidobacteria Holophagae Holophagales Holophagaceae     
Bacteria Acidobacteria Holophagae Holophagales Holophagaceae Geothrix   
Bacteria Acidobacteria Solibacteres Solibacterales Solibacteraceae Candidatus Solibacter   
Bacteria Actinobacteria Actinobacteria Actinomycetales Actinomycetaceae Actinomyces   
Bacteria Actinobacteria Actinobacteria Actinomycetales Dermacoccaceae Dermacoccus   
Bacteria Actinobacteria Actinobacteria Actinomycetales Dermatophilaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Dietziaceae Dietzia   
Bacteria Actinobacteria Actinobacteria Actinomycetales Frankiaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Geodermatophilaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Geodermatophilaceae Blastococcus aggregatus 
Bacteria Actinobacteria Actinobacteria Actinomycetales Geodermatophilaceae Blastococcus saxobsidens 
Bacteria Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Phycicoccus   
Bacteria Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Terracoccus   
Bacteria Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Tetrasphaera   
Bacteria Actinobacteria Actinobacteria Actinomycetales Intrasporangiaceae Tetrasphaera   
Bacteria Actinobacteria Actinobacteria Actinomycetales Kineosporiaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae Candidatus Rhodoluna   
Bacteria Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae Cryocola   
Bacteria Actinobacteria Actinobacteria Actinomycetales Microbacteriaceae Frigoribacterium   
Bacteria Actinobacteria Actinobacteria Actinomycetales Micrococcaceae Arthrobacter   




Table 4.1 continued  
 
Kingdom Phylum Class Order Family Genus Species 
Bacteria Actinobacteria Actinobacteria Actinomycetales Micrococcaceae Rothia dentocariosa 
Bacteria Actinobacteria Actinobacteria Actinomycetales Micrococcaceae Rothia mucilaginosa 
Bacteria Actinobacteria Actinobacteria Actinomycetales Micromonosporaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Micromonosporaceae Actinoplanes globisporus 
Bacteria Actinobacteria Actinobacteria Actinomycetales Micromonosporaceae Couchioplanes   
Bacteria Actinobacteria Actinobacteria Actinomycetales Mycobacteriaceae Mycobacterium   
Bacteria Actinobacteria Actinobacteria Actinomycetales Mycobacteriaceae Mycobacterium   
Bacteria Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae Aeromicrobium   
Bacteria Actinobacteria Actinobacteria Actinomycetales Pseudocardiaceae Actinomycetospora   
Bacteria Actinobacteria Actinobacteria Actinomycetales Pseudocardiaceae Pseudonocardia   
Bacteria Actinobacteria Actinobacteria Actinomycetales Streptomycetaceae     
Bacteria Actinobacteria Actinobacteria Actinomycetales Streptomycetaceae Streptomyces   
Bacteria Actinobacteria Actinobacteria Actinomycetales Thermomonosporaceae Actinoallomurus   
Bacteria Actinobacteria Actinobacteria Actinomycetales Thermomonosporaceae Actinoallomurus   
Bacteria Actinobacteria Thermoleophilia Gaiallales Gaiellaceae     
Bacteria Actinobacteria Thermoleophilia Solirubrobacterales Conecibacteraceae     
Bacteria Actinobacteria Thermoleophilia Solirubrobacterales Solirubrobacteraceae     
Bacteria Armatimonadetes Armatimonadia Armatimonadales Armatimonadaceae     
Bacteria Armatimonadetes Armatimonadia Armatimonadales Armatimonadaceae Armatimonas   
Bacteria Bacteroidetes Bacteroidia Bacteroidales Bacteroidaceae     
Bacteria Bacteroidetes Bacteroidia Bacteroidales Bacteroidaceae Bacteroides   
Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae     
Bacteria Bacteroidetes Bacteroidia Bacteroidales Porphyromonadaceae Paludibacter   
Bacteria Bacteroidetes Bacteroidia Bacteroidales Rikenellaceae     
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae     
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Adhaeribacter   
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Emticicia   
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter   
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Leadbetterella   
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Rudanella   
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Table 4.1 continued  
 
Kingdom Phylum Class Order Family Genus Species 
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Runella   
Bacteria Bacteroidetes Cytophagia Cytophagales Cytophagaceae Spirosoma   
Bacteria Bacteroidetes Cytophagia Cytophagales Amoebophilaceae Candidatus Amoebophilus   
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Blattabacteriaceae Sulcia muelleri 
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Cryomoprhaceae     
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Flabobacteriaceae Flavobacterium   
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Weeksellaceae     
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Weeksellaceae Chryseobacterium   
Bacteria Bacteroidetes Flavobacteriia Flavobacteriales Weeksellaceae Cloacibacterium   
Bacteria Bacteroidetes Sphingobacteriia Sphingobacteriales Spingobacteriaceae     
Bacteria Bacteroidetes Sphingobacteriia Sphingobacteriales Spingobacteriaceae Pedobacter   
Bacteria Bacteroidetes Sphingobacteriia Sphingobacteriales Spingobacteriaceae Pedobacter cryoconitis 
Bacteria Bacteroidetes Rhodothermi Rhodothermales Rhodothermaceae Rubricoccus   
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae     
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Ferruginibacter lapsinanis 
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Flavihumibacter   
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Flavisolibacter   
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Lacibacter cauensis 
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Niabella   
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Sediminibacterium   
Bacteria Bacteroidetes Saprospirae Saprospirales Chitinophagaceae Segetibacter   
Bacteria Bacteroidetes Saprospirae Saprospirales Saprospiraceae     
Bacteria Bacteroidetes Saprospirae Saprospirales Saprospiraceae Haliscomenobacter   
Bacteria Chlamydiae Chlamydiia Chlamydiales Parachlamydiaceae Candidatus Protochlamydia   
Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolinaceae     
Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolinaceae Anaerolinea   
Bacteria Chloroflexi Anaerolineae Anaerolineales Anaerolinaceae Anaerolinea thermolimosa 
Bacteria Cyanobacteria Nostocophycideae Nostocales Nostocaceae     
Bacteria Cyanobacteria Nostocophycideae Nostocales Nostocaceae Aphanizomenon   
Bacteria Cyanobacteria Nostocophycideae Nostocales Nostocaceae Cylindrospermopsis   
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Table 4.1 continued  
 
Kingdom Phylum Class Order Family Genus Species 
Bacteria Cyanobacteria Nostocophycideae Nostocales Nostocaceae Dolichospermum   
Bacteria Cyanobacteria Nostocophycideae Nostocales Nostocaceae Nostoc   
Bacteria Cyanobacteria Nostocophycideae Stigonematales Rivulariaceae Calothrix   
Bacteria Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium   
Bacteria Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium animale 
Bacteria Cyanobacteria Synechococcophycideae Pseuanabaenales Pseudoanabaenaceae     
Bacteria Cyanobacteria Synechococcophycideae Pseuanabaenales Pseudoanabaenaceae Leptolyngbya   
Bacteria Cyanobacteria Synechococcophycideae Synechococcales Chamaesiphonaceae     
Bacteria Firmicutes Bacilli Bacillales Alicycloacillaceae Alicyclobacillus pomorum 
Bacteria Firmicutes Bacilli Bacillales Bacillaceae Bacillus   
Bacteria Firmicutes Bacilli Lactobacillales Enterococcaceae     
Bacteria Firmicutes Bacilli Lactobacillales Enterococcaceae Enterococcus   
Bacteria Firmicutes Bacilli Lactobacillales Lactobacillaceae Lactobacillus helveticus 
Bacteria Firmicutes Bacilli Lactobacillales Strepotococcaceae Streptococcus   
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae     
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Caloramator   
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium   
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium butyricum 
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium colicanis 
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium intestinale 
Bacteria Firmicutes Clostridia Clostridiales Clostridiaceae Clostridium perfringens 
Bacteria Firmicutes Clostridia Clostridiales Lachnospiaceae     
Bacteria Firmicutes Clostridia Clostridiales Peptococcaceae     
Bacteria Firmicutes Clostridia Clostridiales Peptostreptococcaceae     
Bacteria Firmicutes Clostridia Clostridiales Peptostreptococcaceae Clostridium sticklandii 
Bacteria Firmicutes Clostridia Clostridiales Peptostreptococcaceae [Clostridium] bifermentans 
Bacteria Firmicutes Clostridia Clostridiales Syntrophomonadaceae Syntrophomonas   
Bacteria Firmicutes Clostridia Clostridiales Veilonellaceae     
Bacteria Firmicutes Clostridia Clostridiales Veilonellaceae Anaerospora hongkongensis 
Bacteria Firmicutes Clostridia Clostridiales Veilonellaceae Megasphaera   
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Table 4.1 continued 
 
Kingdom Phylum Class Order Family Genus Species 
Bacteria Firmicutes Clostridia Clostridiales Veilonellaceae Veillonella   
Bacteria Firmicutes Clostridia Clostridiales Veilonellaceae Veillonella dispar 
Bacteria Firmicutes Clostridia Clostridiales Acidaminobacteraceae Fusibacter   
Bacteria Gemmatimonadetes Gemmatimonadetes Gemmatimonadales Gemmatimonadaceae Gemmatimonas   
Bacteria Nitrospirae Nitrospira Nitrospirales Thermodesulfobibrionaceae     
Bacteria Planctomycetes Planctomycetia Gemmatales Gemmataceae     
Bacteria Planctomycetes Planctomycetia Gemmatales Gemmataceae Gemmata   
Bacteria Planctomycetes Planctomycetia Gemmatales Isophaeraceae     
Bacteria Planctomycetes Planctomycetia Pirellulales Pirellulaceae     
Bacteria Planctomycetes Planctomycetia Planctomycetales Planctomycetaceae Planctomyces   
Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae     
Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Caulobacter   
Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Caulobacter henricii 
Bacteria Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Mycoplana   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Aurantimonadaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Beijerinckiaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Beijerinckiaceae Beijerinckia   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Beijerinckiaceae Methylocella   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae Bosea genosp. 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Bradyrhizobiaceae Bradyrhizobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Devosia   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Hyphomicrobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Hyphomicrobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Pedomicrobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Pedomicrobium australicum 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Rhodoplanes   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Hypomicrobiaceae Rhodoplanes elegans 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Methylbacteriaceae Methylobacterium adhaesivum 
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Kingdom Phylum Class Order Family Genus Species 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Methylocystaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Methylocystaceae Methylosinus   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Methylocystaceae Rhodoblastus acidophilus 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Phyllobacteriaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Phyllobacteriaceae Aminobacter   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Agrobacterium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Agrobacterium sullae 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Agrobacterium vitis 
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Rhizobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Rhizobiaceae Rhizobium   
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Xanthobacteraceae     
Bacteria Proteobacteria Alphaproteobacteria Rhizobiales Xanthobacteraceae Labrys   
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Hypohomonadaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae     
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Amaricoccus   
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Paracoccus   
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Rhodobacter   
Bacteria Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Rubellimicrobium   
Bacteria Proteobacteria Alphaproteobacteria Rhodospirillales Acetobacteraceae     
Bacteria Proteobacteria Alphaproteobacteria Rhodospirillales Acetobacteraceae Roseomonas lacus 
Bacteria Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae     
Bacteria Proteobacteria Alphaproteobacteria Rhodospirillales Rhodospirillaceae Reyranella massiliensis 
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Erythrobacteraceae     
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Erythrobacteraceae Erythromicrobium   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae     
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Kaistobacter   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Novosphingobium   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Novosphingobium   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sandarakinorhabdus limnophila 
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Kingdom Phylum Class Order Family Genus Species 
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingobium   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas   
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas azotifigens 
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas echinoides 
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas wittichii 
Bacteria Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingopyxis   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Alcaligenaceae     
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Burkholderia   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Burkholderiaceae Burkholderia bryophila 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae     
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Aquabacterium   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Azohydromonas   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Comamonas   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Hydrogenophaga   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Inhella inkyongensis 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Leptothrix   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Limnobacter   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Methylibium   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Methylibium   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Polaromonas   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rhodoferax   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rubrivivax   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Rubrivivax gelatinosus 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Variovorax paradoxus 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae     
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Janthinobacterium   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Janthinobacterium lividum 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Massilia dura 
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Kingdom Phylum Class Order Family Genus Species 
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Polynucleobacter   
Bacteria Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Ralstonia   
Bacteria Proteobacteria Betaproteobacteria Gallionellaes Gallionellaceae Gallionella   
Bacteria Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae     
Bacteria Proteobacteria Betaproteobacteria Methylophilales Methylophilaceae Methylotenera mobilis 
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae     
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Aquaspirillum putridiconchylium 
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Aquitalea   
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Chitinibacter tainanensis 
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Chromobacterium   
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Iodobacter fluviatilis 
Bacteria Proteobacteria Betaproteobacteria Neisseriales Neisseriaceae Vogesella   
Bacteria Proteobacteria Betaproteobacteria Nitrosmonadales Nitromonadaceae     
Bacteria Proteobacteria Betaproteobacteria Procabaceriales Procabacteriaceae     
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae     
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Candidatus Accumulibacter   
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Dechloromonas   
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Propionivibrio   
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Sulfuritalea   
Bacteria Proteobacteria Betaproteobacteria Rhodocyclales Rhodocyclaceae Zoogloea   
Bacteria Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoraceceae     
Bacteria Proteobacteria Deltaproteobacteria Bdellovibrionales Bdellovibrionaceae Bdellovibrio   
Bacteria Proteobacteria Deltaproteobacteria Desulfobibrionales Desulfovibrionaceae Desulfovibrio   
Bacteria Proteobacteria Deltaproteobacteria Desulfobibrionales Desulfovibrionaceae Desulfovibrio putealis 
Bacteria Proteobacteria Deltaproteobacteria Desulfobibrionales Geobacteraceae Geobacter   
Bacteria Proteobacteria Deltaproteobacteria Myxococcales Cystobacteraceae     
Bacteria Proteobacteria Deltaproteobacteria Myxococcales Haliangiaceae     
Bacteria Proteobacteria Deltaproteobacteria Myxococcales Myxococcaceae Anaeromyxobacter   
Bacteria Proteobacteria Deltaproteobacteria Myxococcales Polyangiaceae     
Bacteria Proteobacteria Deltaproteobacteria Myxococcales Polyangiaceae Aetherobacter fasciculatus 
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Kingdom Phylum Class Order Family Genus Species 
Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Desulfobacca   
Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Desulfomonile   
Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophaceae Syntrophus   
Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophoacteraceae     
Bacteria Proteobacteria Deltaproteobacteria Syntrophobacterales Syntrophoacteraceae Syntrophobacter   
Bacteria Proteobacteria Epsilonproteobacteria Camylobacterales Campylobacteraceae Arcobacter   
Bacteria Proteobacteria Epsilonproteobacteria Camylobacterales Helicobacteraceae     
Bacteria Proteobacteria Gammaproteobacteria Aeromonadales Aeromonadaceae Aeromonas   
Bacteria Proteobacteria Gammaproteobacteria Alteromonadales Alteromonadaceae Cellvibrio   
Bacteria Proteobacteria Gammaproteobacteria Alteromonadales Chromaticeae Rheinheimera   
Bacteria Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae     
Bacteria Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Morganella morganii 
Bacteria Proteobacteria Gammaproteobacteria Enterobacteriales Enterobacteriaceae Plesiomonas   
Bacteria Proteobacteria Gammaproteobacteria Legionellales Coxiellaceae     
Bacteria Proteobacteria Gammaproteobacteria Legionellales Legionellaceae     
Bacteria Proteobacteria Gammaproteobacteria Legionellales Legionellaceae Legionella   
Bacteria Proteobacteria Gammaproteobacteria Methylcoccales Crenotrichaceae Crenothrix   
Bacteria Proteobacteria Gammaproteobacteria Methylcoccales Methylococcaceae     
Bacteria Proteobacteria Gammaproteobacteria Methylcoccales Methylococcaceae Methylocaldum   
Bacteria Proteobacteria Gammaproteobacteria Methylcoccales Methylococcaceae Methylomonas   
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter   
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Moraxellaceae Acinetobacter   
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae     
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas   
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas   
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas fragi 
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas umsongensis 
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas veronii 
Bacteria Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava 
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae     
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Kingdom Phylum Class Order Family Genus Species 
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Sinobacteraceae Steroidobacter   
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae     
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Dokdonella   
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Luteimonas   
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Lysobacter   
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Lysobacter ximonensis 
Bacteria Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae Stenotrophomonas   
Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Spirochaeta aurantia 
Bacteria Spirochaetes Spirochaetes Spirochaetales Spirochaetaceae Treponema   
Bacteria Verrucomicrobia Opitutae Opitutales Opitutaceae Opitutus   
Bacteria Verrucomicrobia Opitutae Cerasicoccales Cerasiococcaceae     
Bacteria Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae     
Bacteria Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Luteolibacter   
Bacteria Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Prosthecobacter   
Bacteria Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae Prosthecobacter   
Bacteria Verrucomicrobia Spartobacteria Chthoniobacterales [Chthoniobacteraceae] Xiphinematobacter   
Bacteria Verrucomicrobia Spartobacteria Chthoniobacterales [Chthoniobacteraceae] Chthoniobacter   
Bacteria Verrucomicrobia Spartobacteria Chthoniobacterales [Chthoniobacteraceae]     
Bacteria Thermi Deinococci Deinococcales Deinococcaceae Deinococcus   
Bacteria Thermi Deinococci Deinococcales Deinococcaceae Deinococcus murrayi 
       aBlue highlighted rows indicate organisms previously identified in turtle shell lesions (Garner et al, 1997; Hernandez-Divers et al, 2009) 
bOnly bacteria classified to at least the family level are included 
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Table 4.2 Bacterial taxa with significant differential abundance (DSFDR) by field site
a 
 
Taxa with greater abundance at GRP/Site 1 






  -9.635 0.007 
Comamonadaceae Methylibium   -8.385 0.013 




Gemmataceae   -8.385 0.010 
Gemmataceae Gemmata    -7.083 0.018 


























Sphingomonadaceae Sphingomonas wittichii   -7.500 0.006 
 
Taxa with greater abundance at Pierce/Site 2 
Family Genus Species Test Statistic p-value 
Chitinophagaceae Flavisolibacter    8.073 0.002 
Comamonadaceae Rubrivivax gelatinosus   8.750 0.002 
Cytophagaceae Emticicia    5.000 0.018 
Cytophagaceae Hymenobacter  13.438 0.001 
Cytophagaceae Spirosoma  11.563 0.002 
Erythrobacteraceae Erythromicrobium    7.500 0.005 
Methylophilaceae Methylotenera mobilis   9.115 0.004 
Nostocaceae Dolichospermum  12.656 0.001 
Phormidiaceae Phormidium    6.979 0.002 
Pseudanabaenaceae     7.500 0.002 
Rhodobacteraceae Rhodobacter  10.781 0.001 
Rhodobacteraceae Rubellimicrobium  16.635 0.001 
Rivulariaceae Calothrix    6.250 0.006 
Sphingomonadaceae Novosphingobium  12.031 0.001 
Sphingomonadaceae Sphyngopyxis  12.031 0.002 
Spirochaetaceae Treponema    6.250 0.007 
Weeksellaceae Cloacibacterium    9.583 0.001 
 
       a








Taxa with greater abundance on the carapace 
Family Genus Species Test Statistic p-value 
Sphingomonadaceae   -10.000 <0.001 
 
Taxa with greater abundance on the plastron 
Family Genus Species Test Statistic p-value 
Kineosporiaceae   17.000 <0.001 
Methylocystaceae Methylosinus  20.000 <0.001 
 
a
Only taxa classified to at least the family level are included 
b
Only taxa with significant differential abundance by swab site at both field sites are included   
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Table 4.4 Fungal taxa identified on turtle shells 
a,b
 
Kingdom Phylum Class Order Family Genus Species 
Fungi Ascomycota Dothideomycetes Capnodiales Cladosporiacea Toxicocladosporium pseuedoveloxum 
Fungi Ascomycota Dothideomycetes Capnodiales Mycosphaerellaceae     
Fungi Ascomycota Dothideomycetes Capnodiales Mycosphaerellaceae Passalora californica 
Fungi Ascomycota Dothideomycetes Capnodiales Teratosphaeriaceae     
Fungi Ascomycota Dothideomycetes Pleosporales Melanommataceae Alpinaria rhododendri 
Fungi Ascomycota Dothideomycetes Pleosporales Pleosporaceae     
Fungi Ascomycota Dothideomycetes Pleosporales Pleosporaceae Bipolaris yamadae 
Fungi Ascomycota Dothideomycetes Pleosporales Pleosporaceae Curvularia subpapendorfii 
Fungi Ascomycota Eurotiomycetes Eurotiales Trichocomaceae Talaromyces   
Fungi Ascomycota Leotiomycetes Helotiales Dermateaceae Pezicula heterochroma 
Fungi Ascomycota Leotiomycetes Helotiales Helotiales_fam_Incertae_sedis Leohumicola minima 
Fungi Ascomycota Pezizomycetes Pezizales Pyronemataceae Wilcoxina rehmii 
Fungi Ascomycota Saccharomyctes Saccharomycetales Debaryomycetaceae Yamadazyma nakazawae 
Fungi Basidiomycota Agaricomycetes Agaricales Cortinariaceae Cortinarius   
Fungi Basidiomycota Agaricomycetes Agaricales Cortinariaceae Cortinarius pitkinensis 
Fungi Basidiomycota Agaricomycetes Boletales Rhizopogonaceae Rhizopogon 
 
Fungi Basidiomycota Agaricomycetes Cantharellales Hydnaceae Hydnum ellipsosporum 
Fungi Basidiomycota Agaricomycetes Polyporales Ganodermataceae Ganoderma 
 
Fungi Basidiomycota Agaricomycetes Sebacinales Sebacinaceae Sebacina 
 
Fungi Basidiomycota Agaricomycetes Sebacinales Serendipitaceae 
  
Fungi Basidiomycota Tremellomyctes Tremellales Bulleribasidiaceae Vishniacozyma tephrensis 
Fungi Basidiomycota Ustilaginomycetes Urocystidales Floromycetaceae Antherospora 
 
Fungi Glomeromycota Glomeromycetes Gigasporales Gigasporaceae Cetraspora nodosa 
a 




 The UNITE Dynamic Database ver 8 does not include Emydomyces testavorans     
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Figure 4.1 Bacterial (16S) alpha diversity (Shannon diversity index) recovered from turtle shell 
swab samples.  Samples are classified by health status (diseased or healthy) based upon CT of 
lesions, by field site (GRP/Site 1 or Pierce/Site 2) and by swab site (carapace or plastron).  There 

























Figure 4.2 Bacterial (16S) beta diversity (weighted UniFrac distance matrices) recovered from 
turtle shell swab samples.  Samples are classified by health status (diseased or healthy, A and B) 
based upon CT of lesions, by swab site (carapace or plastron, C and D) and by field site (GRP or 
Pierce, E and F). There was a significant difference in beta diversity by field site and swab site 
























Figure 4.3 Bacterial (16S) composition at the genus level of turtle shell swab samples. Samples 
are classified by health status (diseased or healthy), by field site (GRP or Pierce), and by swab 
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Figure 4.4 Fungal (ITS2) alpha diversity (Shannon diversity index) recovered from turtle shell 
swab samples. Samples are classified by health status (diseased or healthy) based upon CT of 
lesions, by field site (GRP/Site 1 or Pierce/Site 2) and by swab site (carapace or plastron). There 

























Figure 4.5 Fungal (ITS2) beta diversity (weighted UniFrac distance matrices) recovered from 
swab samples. Samples are classified by disease status (diseased or healthy, A and B) swab site 
(carapace or plastron, C and D) and by field site (GRP /Site 1or Pierce/Site 2, E and F). There 


























Figure 4.6. Fungal (ITS) composition at the genus level of turtle shell swab samples. Samples 
are classified by health status (diseased or healthy), by field site (GRP/Site 1 or Pierce/Site 2), 
and by swab site (carapace, plastron, or lesion). The 8 most abundant taxa are noted in the 
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Figure 4.6 continued 
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CHAPTER 5: Conclusion and Future Directions 
  
 In recent years, fungi have emerged as significant pathogens of many animal taxa, 
impacting both in situ and ex situ conservation. Notable examples include Batrachochytrium 
dendrobatidis (chytrid) infection contributing to the global loss of amphibian biodiversity, 
Pseudogymnoascus destructans (White Nose Syndrome) causing declines in North American 
bats, and Ophidiomyces ophiodiicola (Snake Fungal Disease) impacting the conservation of 
multiple species of snake. Although shell disease is a common cause of morbidity and mortality 
in chelonians, the causes are not always identified. Through routine diagnostic case review, 
pathologists with the University of Illinois Zoological Pathology Program identified an unusual 
pattern of lesions within the shells of freshwater turtles within which fungal hyphae of unknown 
classification were identified histologically. These studies were undertaken to systematically 
investigate the cause and pathogenesis of ulcerative shell lesions in aquatic chelonians.  
Specifically, this study sought to characterize the fungi isolated from shell lesions, characterize 
shell lesions in confirmed fungal infections in comparison with other causes of shell diseases, 
and investigate the potential significance of co-pathogens in shell disease.   
 The morphological and genetic features of fungal isolates examined in this study 
supported the designation of a new genus and species, Emydomyces testavorans, within the 
Onygenales (see Chapter 2). This fungal family includes other reptile pathogens including 
various members of the genera Nannizziopsis, Paranannizziopsis and Ophidiomyces. While these 
other fungi are morphologically similar in histologic section and produce aleurioconidia and 
fission arthroconidia, Emydomyces testavorans demonstrates morphological and genetic features 
different from these other members of the Onygenales. In histologic section, members of 
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Nannizziopsis, Paranannizziopsis, and Ophidiomyces produce narrow, septate hyphae, often 
accompanied by fission arthroconidia, while the hyphae of Emydomyces in shell lesions or tissue 
lack arthroconidia. Similarly in culture, conidia of Nannizziopsis, Paranannizziopsis, and 
Ophidiomyces differ from those of the conidia of Emydomyces which are larger and more 
variably shaped. No chlamydospores or sexual structures were observed in Emydomyces isolates, 
as have been reported in N. chlamydospora and N. vriesii. The monophyly of Emydomyces 
isolates described in the present study was also well-supported by multi-locus phylogenetic 
analyses.   
 This study was able to demonstrate an association between E. testavorans infection and 
specific lesions. Epithelial inclusion cysts were significantly associated with the presence of E. 
testavorans and only noted in rare other instances of shell disease caused by other pathogens in 
these studies. Interestingly, previous published reports of shell disease outbreaks in free-ranging 
turtles have identified similar inclusion cysts but discounted the concurrent presence of fungi.  
Therefore, this fungus may be an underreported cause of disease. The current findings suggest 
that the presence of inclusion cysts should prompt a thorough search for E. testavorans. 
 The composition of the microbiome and mycobiome of turtle shells was previously 
undocumented, though there are few published reports documenting the fecal micro- and 
mycobiome in freshwater turtles and none that sampled the mycobiome (Nowakiewicz et al., 
2015; Ruzausakas et al., 2016). Sampling of turtles from unaffected sites might be beneficial, 
although that would introduce another site variable and since field site was already identified as a 
significant variable this may complicate rather than elucidate data analysis. Although no 
significant association with lesions or disease status was identified among non-Emydomyces 
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microbes, the microbial assemblages determined in this study can be used to evaluate microbial 
communities in shell disease in future studies.   
In summary, research presented in this dissertation indicates that infection with the newly 
described fungus Emydomyces testavorans is highly associated with a unique presentation of 
ulcerative shell disease in freshwater aquatic turtles. These studies represent only the initial 
stages of investigation into a newly recognized disease entity in turtles, and as such there is much 
more work to be done to better understand the pathogenesis of Emydomyces-associated shell 
disease.  
Although a significant association between infection and inclusion cysts was documented 
(Chapter 3) and no other significant bacterial or fungal pathogens were detected to account for 
the development of these unique shell lesions (Chapter 4), future infection trials are needed to 
fulfill Koch’s postulates and prove causation. The related onygenalean reptile pathogens 
Nannizziopsis and Ophidiomyces have been documented as primary pathogens, and given the 
findings of the present studies, it is reasonable to speculate that Emydomyces may be as well. A 
well-designed infection trial should assess multiple routes of inoculation, with varying degrees of 
abrasion at the inoculation site. Additionally, to better understand the pathogenesis and 
progression of shell lesions, particularly inclusion cysts, an ideal study would include multiple 
biopsies of inoculation site(s) and/or shell lesions over time. Though the practical limitations of 
performing multiple shell biopsy procedures in turtles are daunting, the amount of information 
that could be gleaned from such samples is virtually limitless. Aside from the classic (and 
essential) histopathological information sequential biopsies would provide, modern 
developments in genetic sequencing and data analysis would allow for the evaluation of the 
transcriptome (of host, pathogen, or preferably both) over time. Although all theories as to the 
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pathogenesis of Emydomyces-associated shell lesions are speculative at this stage of 
investigation, it is reasonable to hypothesize that a variety of transcriptional changes are involved 
in the development inclusion cysts, whether mediated directly by the fungus, via fungal 
modulation of the host immune system, as a natural response of the host in an attempt to heal 
shell damage, or a combination of host and fungal factors. As Emydomyces are within the group 
of keratinophilic fungi, it would not be unexpected to find upregulation of genes that induce 
metaplasia of shell epithelium from columnar to squamous (see Chapter 3) thus providing 
substrate for fungal proliferation.  Such studies would be aided by whole genome sequencing of 
Emydomyces.   
Another critical focus of future investigations into Emydomyces infections should be 
factors that predispose certain individuals or species to infection. Of particular interest is the 
WPT, which has an exceedingly high prevalence of Emydomyces-associated shell disease in 
some free-ranging populations. The vast majority of WPT in Washington are head-started, 
further muddling a variety of potential predisposing factors. Why this particular species is so 
prone to Emydomyces infection remains unknown. Various theories exist, including host genetic 
factors resulting from a bottleneck in the small founder population of head-started animals, 
nutritional factors leading to abnormalities in shell bone or keratin, or other environmental 
factors such as temperature and the environmental microbiome that could influence development 
and physiology of the shell. Fortunately, shell disease in the WPT has generated substantial 
research interest and financial investment, with many multidisciplinary research groups 
investigating nearly all of the factors mentioned above. In the present studies, evaluation of the 
WPT shell micro- and mycobiomes was conducted. Red-eared sliders (Trachemys scripta 
elegans) are an invasive turtle species that occupy similar habitats to WPT in Washington, but 
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fungal shell disease has not been documented in sliders from locations with confirmed cases of 
Emydomyces infection in WPT. This may be due to differences in how shell scutes are shed 
between these two species (continuous in WPT vs periods of sloughing (ecdysis) in sliders) that 
may help protect against fungal colonization. Alternatively, characterization of the shell micro- 
and mycobiome of this sympatric species may identify differences that could illuminate why 
WPT are especially susceptible to shell disease. 
 Lastly, future investigations into effective treatment and prevention regimens are 
necessary to mitigate the threat of Emydomyces infection for the WPT and other aquatic turtle 
species with threatened or endangered populations. Emydomyces isolates are sensitive to 
standard antifungal drugs used in reptile medicine (Chapter 2), though pharmacokinetics and 
tissue distributions of these drugs in turtle species are largely unknown. There is at least one case 
of an infected turtle being cured of Emydomyces (Langan and Woodburn, unpublished data), this 
required an intensive treatment protocol including regular shell debridements and scrubs, many 
months of systemic and topical antifungal therapy, and periodic radiological monitoring of 
lesions. Though successful treatment is possible, such a protocol is prohibitively impractical for 
managing disease in free-ranging populations such as the WPT. Several pilot studies of 
antifungal pharmacology in WPT and other turtle species are in progress, and similar studies 
with related pathogens such as Ophidiomyces and Nannizziopsis may offer additional insight. It 
is the sincere hope of this author that the information presented herein will lay the groundwork 
for future investigations, with the ultimate goal of minimizing or even eliminating the threat of 
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